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Abstract 

The F-type ATP synthase is a rotary nanomotor central to cellular energy metabolism in almost all 

living organisms. In bacteria, the enzyme also plays a role in nutrient uptake and pH regulation 

underlining its importance. All ATP synthases can be inhibited by ADP, whereas in bacteria, the 

enzyme is also autoinhibited by its ε subunit. The inhibition involves a drastic conformational 

change of the C-terminal domain of the ε subunit (εCTD) that blocks catalytic turnover. This 

regulation by ε is believed to play an important role in maintaining viability of the cell. Recent 

development in the field of antibiotics has validated ATP synthase as a drug target against 

pathogenic bacteria. Thus, there is a renewed interest in studying the role of the ε subunit in 

regulation of the enzyme and exploiting it to develop antimicrobials that can kill pathogenic 

bacteria. The present work describes advances in our understanding of the regulatory interactions 

of εCTD in E. coli ATP synthase. In the first approach, we used an optical binding assay to 

understand the transitions of εCTD between its active and inhibitory conformations. Using different 

ligands we revealed the relationship between ADP inhibition and ε inhibition. In the second novel 

approach, the terminal five amino acids of εCTD were deleted to observe the effects on in vivo and 

in vitro functions of ATP synthase. The results obtained from these studies advance our 

understanding of ε inhibition in bacteria and also provide a novel target within bacterial ATP 

synthase to obtain antibacterial drugs. 
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General Introduction 
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1.1 Introduction 

Adenosine triphosphate (ATP) is the universal currency of energy in living 

organisms. As a result, the enzyme that metabolizes ATP, FOF1 ATP synthase, assumes a 

very important role in cellular metabolism. Almost all of cellular ATP is generated from 

Adenosine diphosphate (ADP) and inorganic phosphate (Pi) by ATP synthase via oxidative 

or photophosphorylation. Both phosphorylation processes involve the transfer of electrons 

from a high energy molecule to a low energy molecule through redox reactions. The 

transfer of electrons is coupled with pumping of protons across a semi-permeab le 

membrane which results in a proton gradient (ΔpH) and a membrane potential (Δψ), 

collectively known as Proton Motive Force (PMF). The ATP synthase utilizes this PMF to 

generate ATP from ADP and Pi.  

The F-type ATP synthase (FOF1) is a rotary nanomotor that is functiona lly 

conserved to a large extent in eukaryotes and eubacteria [1, 2]. It is located in the plasma 

membrane in eubacteria, inner mitochondrial membrane in eukaryotes and within the 

thylakoid membranes in plant chloroplasts. Structurally, FOF1 is made up of a membrane 

embedded FO domain (Oligomycin sensitive) that is involved in proton translocation, and 

an external F1 domain (Factor 1) that contains the catalytic sites (Fig. 1.1). Catalysis by the 

F1 domain is coupled with proton transport by FO. During respiratory growth, the products 

of glycolysis and Kreb’s cycle feed into the electron transport chain (ETC) which is in the 

same vicinity as the ATP synthase. The ETC transports the electrons to the termina l 

electron acceptor, oxygen, coupled with pumping of a large number of protons across the 

membrane. This proton imbalance provides a high amount of potential energy that is 

converted into chemical energy by the coupled processes of proton transport by FO and 
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ATP synthesis by F1. When the PMF drops below the level required to drive ATP synthesis, 

the enzyme works in reverse, thereby hydrolyzing ATP and pumping protons in the 

opposite direction [3, 4]. Bacteria use this process for uptake of nutrients [5] as well as to 

maintain cytosolic pH [6, 7]. Mitochondria inhibit this process by a separate inhibito ry 

protein IF1 [8, 9] as otherwise the enzyme would burn through ATP stocks. IF1 is specific 

for mitochondrial enzyme and does not inhibit the bacterial enzyme [10, 11] despite strong 

structural and functional similarity between mitochondrial and bacterial enzymes [1, 2].  

My thesis work has primarily focused on E. coli ATP synthase. For the sake of 

simplicity, I will talk about the E. coli ATP synthase from here on. Wherever enzymes 

from other organisms will be described, the name of the source organism will be provided.  
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Figure 1.1 
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Figure 1.1. The bacterial ATP synthase.  

E. coli ATP synthase is shown with FO domain embedded in the cell membrane and a 

peripheral F1 domain. All FO subunits (c10 (green), a (red), b2 (grey)) and δ subunit (orange) 

from F1 (shown in ribbons) are obtained by homology-modeling [13]. The surface-rendered 

F1 domain (three α (green), three β (blue), γ (yellow), εNTD (light pink), εCTD (magenta)) 

is from determined structures where ε (PDB ID 1BSN) is docked to F1-δ (PDB ID 3OAA). 

Step-wise rotation of the c-ring rotates transports protons in the direction shown. When 

PMF is high, the rotor turns in the red direction leading to ATP synthesis. When PMF is 

low, the rotor turns in the blue direction, leading to ATP hydrolysis-driven proton pumping.  

This figure is modified from ref. 109.  
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1.2 Structure of FOF1 ATP Synthase 

FOF1 ATP synthase is a multisubunit complex that is made of up 20 or more 

polypeptide chains (Fig. 1.1). Structurally, the enzyme can be classified into two domains: 

(1) A membrane-embedded FO domain and (2) An external F1 domain. The FO domain is 

made up of subunit a, dimer b2 and a circular ring made up of c subunits with the 

stoichiometry of a1b2c8-15. The F1 domain consists of subunits α3β3γ1δ1ε1 [14, 15]. Overall 

α3β3γ1δ1ε1a1b2c8-15 is the shared stoichiometry observed in F-type ATP synthases and the 

architecture is similar across different kingdoms. The bacterial ATP synthase is the 

simplest of all the ATP synthases. The mitochondrial ATP synthase contains several extra 

subunits and function of some of these subunits are known. Subunit d makes contacts with 

subunits of the peripheral stalk such as subunit b, h/F6 and OSCP and is shown to be 

essential for enzyme function in yeast mitochondrial ATP synthase [16]. The subunit h 

(yeast) or F6 (mammal) is a water soluble protein that is shown to be important for assembly 

and/or catalysis in yeast ATP synthase [17]. The subunit f plays an important role in stable 

assembly of subunits a and c in mitochondrial ATP synthase [18]. The differences in 

subunit stoichiometry have been described before [2] as well as listed in Table 1.1. 

The FO domain: Based on function as a rotary motor, the subunits of ATP synthase 

can be classified into a rotor complex and a stator complex. In the FO domain, the c subunit 

(~8 kDa) is the major part of the rotor complex. In bacterial enzymes, 10 to 15 c subunits 

are arranged in a ring. In mitochondrial enzymes, the ring is formed of 8 or 10 c subunits. 

Each c subunit is made up of two α-helices that span the entire membrane with a 

hydrophilic loop acting as a connector to F1. This loop forms contacts  
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Table 1.1 

Mitochondria Chloroplast Bacteria Stoichiometry 

α α α 3 

β β β 3 

γ γ γ 1 

OSCP δ δ 1 

δ ε ε 1 

ε - - 1 

a, subunit 6 a, subunit IV a 1 

b, subunit 4 b and b’, subunit I and II  b 1 or 2 

c, subunit 9 C, subunit III c 8  to 15 

d - - 1 

e - - 1 or 2 

f - - 1 

g - - 1 

h or F6 - - 1 

A6L, subunit 8 - - 1 

IF1 - - 1 

FB, Factor B - - 1 
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Table 1.1. Subunit composition of ATP synthase [2, 18]. Subunits of ATP synthases 

from mitochondria, chloroplast and bacteria are listed. Subunits α, β, γ, δ, ε, a, b, c are 

common in all three types. In mitochondria, the homolog of bacterial δ is called OSCP 

(Oligomycin Sensitivity-Conferral Protein) and the homolog of bacterial ε is called δ. The 

mitochondrial enzyme contains one b subunit whereas the bacterial and chloroplast 

enzymes contain two. The c subunit stoichiometry ranges from eight to ten subunits in 

mitochondria, to fifteen in bacteria. Two copies of the subunit e has been found to be 

present in rat mitochondria.   
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with subunits γ and ε of the F1 domain which form the rest of the rotor complex [19]. 

Adjacent to the c-ring is the hydrophobic and the largest subunit of FO, subunit a (~30 kDa) 

[20]. It is also found to be in contact with the dimer b2 [21-23]. Subunit a and b2 form the 

“stator” complex of the FO domain. Subunit a is made up of five α-helices that traverse the 

membrane, accessing cytoplasmic and periplasmic spaces [24-26]. The N-terminus is in 

the periplasm while the C-terminus is in the cytoplasm. Mutagenic studies have implicated 

both c and a subunits to be involved in proton translocation (discussed in [27]). The 

mechanism of proton transport is discussed below. 

Proton translocation: Cox et al. gave the first model of proton transport via FO that 

involved rotation of a and c subunits relative to each other. [28]. According to this model, 

the protons would travel through the “proton channels” in the a subunit. Polar residues 

from one or more of the α-helices of the a subunit form the aqueous half-channels and 

provide access to the center of the membrane from the cytoplasmic and periplasmic spaces 

[29, 30]. Mutagenic studies first showed that Arg210 was essential for proton transport 

[31], with later studies showing Glu219 and His245 [32] are also important for proton 

transport [33-35] and are part of water-accessible proton “half channels” (Fig. 1.2) [32]. 

The amino acids Arg210 and Glu219 reside on the fourth α-helix and His245 resides on 

the fifth α-helix of subunit a [31, 34]. On the c subunit, Asp61, residing on the second α-

helix, is crucial for proton transport [36, 37]. The structural arrangement of the a and c 

subunits brings these amino acids in close proximity at different stages of proton transport. 

Different groups have presented similar models to explain the transport of protons through 

the assembly of a and c subunits [24, 38-42] (Fig. 1.2). It can be summarized in the 

following way: during ATP synthesis, an electrochemical proton gradient is generated by 



10 
 

the electron transport chain, with higher concentration of protons in the periplasmic space. 

At any given time, two c subunits interface with subunit a. The cAsp61 in the α-helices of 

both these c subunits have a pKa of 7.1 and are deprotonated whereas, the aArg210 has a 

higher pKa that ensures protonation from the periplasmic space [42, 43]. The aArg210 

interacts with the deprotonated cAsp61 leading to protonation of that cAsp61 with protons 

from the periplasmic space. The protonation leads to an electrostatic rotation of the c-ring 

by one c subunit as the aArg210 will now be strongly attracted to the remaining 

deprotonated cAsp61. This ensures a unidirectional rotation of the c-ring vs ab2. The 

movement facilitates the protonated c subunit to access the second half-channel with 

aGlu196 near the end. The pKa of the protonated cAsp61 gets lowered on exposure to the 

hydrophilic cytoplasmic half-channel, leading to the release of proton to the cytoplasm via 

the half-channel. This deprotonated cAsp61 starts its interaction with aArg210 to continue 

the cycle.  

 Recently, Meier’s group proposed a microscopic model that is reversible and can 

explain proton transport when it is driven by ATP hydrolysis [175]. X-ray crystal structures 

of the c-ring in low and high pH conditions and in presence of DCCD were presented to 

support the model. The model proposes that when the carboxylic group of the c subunit 

faces a hydrophobic dehydrated environment, it assumes a proton-locked state and 

coordinates the proton tightly. This state is thermodynamically stabilized by the lipid 

membrane environment. During ATP synthesis, when the carboxylic group of a c subunit 

enters the interface with  subunit a, it encounters a locally hydrated environment,  which 

promotes proton transport to the cytoplasmic side via the aqueous half-channel of subunit 

a. A proton can enter the second half-channel from the periplasmic side and can reprotonate 
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the now deprotonated c subunit. The reprotonated c subunit can now adopt the proton-

locked state and can interface with the hydrophobic lipid membrane to carry on the cycle. 

The stochastic alternating of the c-ring between these environments is what drives the 

rotation. It is the proton gradient  across the membrane which determines the direction of 

the rotation of the c-ring.  

Subunit b (~17 kDa) forms the peripheral, stator stalk connecting the membrane-

embedded FO with subunit δ of F1 [44]. Connection of dimer b2 with δ is important for 

functional assembly of the enzyme [45, 46] as well as for stabilizing the enzyme against 

the torque generated by the rotating c-ring, γ and ε subunits [47]. Suggestions have been 

made regarding the role of the peripheral stalk as an elastic structure that can deform with 

stepwise movement of protons through FO [48]. On the other hand, using spin label studies 

it has been proposed that subunit b can affect the conformation of catalytic sites and play 

a role in coupling of the enzyme [49].   
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Figure 1.2 
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Figure 1.2. Assembly of the a and c subunits for proton transport [24].  

Ten c subunits are shown to form a ring spanning the membrane. Asp61 residues are 

located at the center of the c subunit. The a subunit forms an interface with two subunits 

of the c-ring. The two half-channels are indicated with dotted lines along with important 

residues that form the channels. The half-channel with access to the periplasmic space is 

contained within the a subunit whereas the half-channel with access to cytoplasm is shown 

at the interface of a and c subunit. Movement of protons is from the periplasm to the 

cytoplasm during net ATP synthesis. This figure has been used with permission from 

Springer International Publishing AG, license # 3544831260545.  
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The F1 domain: The external F1 domain contains the catalytic sites and is 

responsible for catalysis in ATP synthesis or hydrolysis direction when coupled with FO. 

In bacterial ATP synthase, it can be dissociated from the FO domain in vitro and can 

function as an ATP hydrolase (ATPase) on its own [50]. 

The α-β hexamer: In the F1 domain, three α (~55 kDa) and three β (~50 kDa) 

subunits are arranged like alternating “segments of an orange” and form a hexamer with a 

diameter of 100 Å [51, 52]. This hexamer is a part of the stator complex. Both the α and β 

subunits have high amount of sequence homology and have likely originated by gene 

duplication [53, 54]. Hence, both the α and β subunits have similar architecture where there 

are three distinct domains: (1) The N-terminus forms a domain that is made up of a β-

barrel. The six N-terminal domain β-barrels interact and form a 24-stranded β-barrel 

“crown” at the top of the α-β hexamer that is thought to play a stabilizing role [55], (2) 

There are a total of six nucleotide binding sites in the central region [55-58], one on each 

subunit. These binding sites are located at the interface of α and β subunits. They contain 

an α-helix/β-sheet sandwich motif, which is similar to many nucleotide-binding proteins. 

Only the sites located predominantly on β subunits participate in catalysis (catalytic sites), 

whereas the sites on α subunits do not exchange nucleotide during catalysis (non-catalyt ic 

sites), (3) The bottom region is made up of the C-terminal domain formed by a bundle of 

six or seven α-helices. In the C-terminal domain of β, an acidic cluster sequence known as 

DELSEED motif moves with the γ subunit when a nucleotide occupies the catalytic site 

[59]. This DELSEED motif is thought to play an important role in coupling between 

rotation of the γ subunit and catalysis. 
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The γ subunit: At the center of the F1 domain is a 90 Å long γ subunit (~32 kDa) 

that connects the F1 domain to the FO. The N and C-terminal helices of the asymmetrical γ 

subunit reside in part within the central cavity of the α-β hexamer. The lower part of γ is in 

contact with the c-ring and the N-terminal domain of the ε subunit. The γ subunit is the 

major rotor component within the F1 domain. A full 360o rotation by γ involves hydrolys is 

of 3 ATP molecules, so hydrolysis of 1 ATP molecule involves 120o rotation of γ [60]. 

Rotation of the γ subunit within the hexameric cavity leads to interactions with the α-β 

hexamer at three specific sites labeled as the “catch” sites [61]. These interactions co-

ordinate conformational changes in the catalytic sites on the β subunits. The conformationa l 

changes are important for binding of substrates, catalysis and release of products in 

agreement with the “binding change mechanism” proposed by Boyer [62]. 

 The δ and ε subunits: Subunit δ is part of the stator complex and forms the 

peripheral stalk connecting FO with F1. The δ subunit is required for assembly of F1 with 

FO [63]. Its homolog within the mitochondrial ATP synthase is denoted as OSCP [18]. The 

δ/OSCP subunit plays a structural role and is important for binding and functional coupling 

of the FO domain with the F1 domain.  

The ε subunit (~15 kDa) contacts the base of γ as well as the c-ring via its N-

terminal domain (εNTD). The εNTD is a β barrel made up of ten β sheets and is required 

for functional assembly of the enzyme. The C-terminal domain (εCTD) is formed by two 

α-helices that can transition between different conformations and play a major role in 

regulation of bacterial ATP synthase [12] (more details are in the later part of introduction).   
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1.3 Binding-change Mechanism 

Historically, Mitchell’s theory of chemiosmotic coupling proposed that electron transport 

through the electron transport chain could create a proton motive force and it could drive 

synthesis of ATP [64, 65]. As a result, many theories were proposed to explain the 

relationship between proton movement and ATP synthesis. The most widely accepted 

model was originally proposed by Boyer and was based on oxygen exchange reactions; 

this later became known as the “binding-change mechanism” [66]. The transport of protons 

across the membrane lead to conformational changes at the catalytic sites in F-type ATP 

synthase. These conformational changes cause changes in affinity for reactants and 

ultimately lead to the formation and release of products. The binding change mechanism 

encompasses three main postulates: (1) during ATP synthesis, energy from PMF is used 

for binding of ADP and Pi to and release of tightly bound ATP from the catalytic sites and 

formation of ATP involves a very small free energy change. (2) Catalysis is carried out by 

multiple catalytic sites that are strongly cooperative and function in a sequential cycle. The 

binding of ADP and Pi to one catalytic site is necessary for release of ATP from the 

adjacent catalytic site and this is consistent for all three catalytic sites [62]. (3) The 

sequential, cyclical conformational changes in catalytic sites that are necessary for binding 

and release of reactants are coordinated by rotation of one or more subunits relative to these 

sites [67]. Experimental data from various groups supported the first two postulates in 

intact enzyme [68, 69] and isolated F1 [70-75] of different organisms. Data from other 

groups supporting these postulates have been discussed in detail [62]. Using cross-linking 

studies, Duncan et al. were able to demonstrate the third postulate by showing that γ rotates 

within the central cavity [76]. Further proof was provided through microscopic studies that 
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involved direct visualization of rotation of an actin filament attached to the γ subunit [77]. 

It was also proposed that proton transport by FO involves rotation of subunits [28, 78], 

which also proved to be true as studies have shown rotation of the c-ring [79-81].    

The binding-change mechanism entails cooperativity between catalytic sites that 

are alternating between three different conformational states. These states vary in terms of 

their affinity, occupancy and/or the type of nucleotide interacting with them [51]. The 

asymmetry of the γ subunit ensures that no two β subunits adopt the same conformation at 

any given time. For example, the conformational difference between β subunits in E. coli 

and mitochondrial F1 has been observed in X-ray crystal structures [12, 51]. The 

conformational differences cause the catalytic sites to cycle between “tight” “loose” and 

“open” states with each of the three sites occupying one of the three states at any given 

time (Fig. 1.3). The tight site has tightly bound nucleotide and is catalytically active 

whereas the loose and open sites are catalytically inactive and contain loosely bound 

nucleotide and no nucleotide, respectively. To describe the presence/absence of ATP or 

ADP on specific β subunits, they have been referred to as βTP (ATP bound, tight), βDP (ADP 

bound, loose) and βE (empty, open) (Fig 1.3). A recent X-ray crystal structure with bovine 

heart mitochondrial F1-ATPase showed that in the ground state, both βTP and βDP have ATP 

bound and are loose and tight sites respectively [82]. 
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Figure 1.3 
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Figure 1.3. The binding change mechanism of ATP synthase [76]. The three catalytic 

sites of ATP synthase located mainly on the β subunits are shown in blue/green color. The 

letters T, L and O denote “tight”, “loose” and “open” (empty) conformational states of the 

catalytic sites. Subunit γ is shown in yellow and rotates with respect to stationary β 

subunits. In the left panel, ATP and ADP + Pi occupy the T and L sites respectively. The 

empty O site is shown to bind ADP + Pi. In the first step, the γ subunit rotates 120o and 

induces changes in the conformational states. As a result, the L site now binds ADP + Pi 

tightly and becomes T site, the O site now binds ADP + Pi loosely and becomes L site, and 

the T site releases ATP and becomes empty or O site. In step 2, ATP is formed 

spontaneously from ADP + Pi bound at the T site. The empty O site now prepares to bind 

ADP and Pi. This sequence is repeated on all three sites with each 120o rotation of the γ 

subunit. This figure has been used with permission from Proceedings of the National 

Academy of Sciences of the United States of America. The figure is subject to copyright 

protection.   
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1.4 Rotary Catalysis 

The rotational model of ATP synthase involves rotation of the rotor complex to 

transport protons as well as carry out catalysis. In the FO domain, the c-ring rotates relative 

to subunits a and dimer b2. Each c subunit contains a conserved residue with a carboxyl 

group (asp61 in E. coli) that gets protonated and transports the proton to the a subunit in a 

step-wise rotating manner. The proton travels through the half-channels of the a subunit. 

The asymmetric γ subunit is in contact with the c-ring and the rotation of the c-ring leads 

to rotation of γ relative to α and β subunits within the central cavity. The asymmetry of γ 

is accommodated in the central cavity through conformational changes in the α and β 

subunits. These conformational changes are necessary for binding and dissociation of 

reactants. This model has been used to explain the binding-change mechanism and there 

are biochemical and spectroscopic data that confirm this as seen below.  

 Most of the biochemical studies showing rotation involved cross linking subunits 

within F1 or FO or between F1 and FO. Duncan et al. [76] successfully showed rotation of γ 

within E. coli F1 by creating a disulfide bond between β and γ subunits. The idea was that 

if the γ subunit rotates with respect to α and β, cross-linking γ with β would stop the 

rotation. If enzyme catalysis required rotation of γ, blocking the rotation would inhibit the 

enzyme. The crystal structure of bovine F1 had shown that a homolog of E. coli γC87 was 

positioned close to the 380DELSEED386 [59, 83, 84] sequence of β subunit. To take 

advantage of this positioning, β380D was mutated to βD380C. When disulfide bond was 

formed between the cysteine residues on γ and β by oxidation the enzyme was inactivated, 

whereas reduction restored the activity. As an extension of the experiment, the cross-linked 

enzyme was dissociated into individual subunits. Radio-labeled β subunits were then 
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introduced at the non-cross-linked positions and the enzyme was reassembled as shown 

here [85]. Now, oxidation-reduction of the enzyme was carried out again under conditions 

of catalysis and no catalysis. When oxidation was carried out under no enzymatic turnover, 

γ was found to be bound to the non-radio-labeled β. However, oxidation post turnover 

showed γ bound to the radio-labeled β. From this study, it was evident that in isolated F1, 

γ rotated relative to the β subunits. Later, cross-linking studies in FOF1 linked γ rotation to 

proton translocation and enzymatic turnover during ATP hydrolysis [86] and ATP 

synthesis [87]. In both studies, isolated F1 subunits with βD380C mutation were bound to 

F1-depleted membranes. Under oxidizing conditions, one of the three β subunits cross-

linked with γ. The remaining two non-cross-linked β subunits were replaced with epitope-

tagged βD380C (βFLAG) subunits by dissociation-reassembly [85]. When subjected to 

reducing conditions to remove β-γ cross-link, the intact enzyme regained coupled 

membrane activity. In the first study [86], when the enzyme was reduced, exposed to ATP 

hydrolysis conditions and then oxidized, γ was found to cross-link with βFLAG. Repeating 

the same events but with no ATP hydrolysis resulted in little or no βFLAG cross-linked with 

γ. In the second study [87], the enzyme was exposed to ATP synthesis conditions with the 

same experimental setup. Again, ATP synthesis conditions led to γ cross-linking with βFLAG 

and preventing ATP synthesis led to little or no βFLAG cross-linked with γ. This showed 

that γ rotation was necessary for enzymatic turnover in FOF1. In addition, in both studies, 

membranes were treated with DCCD (dicyclohexylcarbodiimide). DCCD is a covalent 

modifier of Asp61 of c subunit and treatment of FO with DCCD blocks proton transport 

[88]. When DCCD treated membranes were reduced and subjected to either ATP synthesis 
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or hydrolysis conditions, βFLAG-γ cross-linking was considerably reduced. This showed that 

blocking proton transport by c-ring in FO leads to blocking of γ rotation in F1.  

 Rotation of other subunits was also investigated by cross-linking studies. Cross-

linking ε and γ had no effect on hydrolysis activity, suggesting that ε and γ rotate together 

[89]. Further, hydrolysis and synthesis activity was inhibited by cross-linking of ε, γ and 

β, and fully restored when cross-linking was removed, indicating that ε and γ rotate relative 

to β [90]. Subunit δ was shown to be part of the stator as α-δ cross-linking did not affect 

ATPase activity of the enzyme [91]. Whereas rotation of the c-ring was demonstrated via 

γ-ε-c [92] and c-b2 cross-linking [93]. The cross-linking of c-ring with rotor subunits γ and 

ε did not affect ATP hydrolysis, synthesis or proton pumping indicating that the c-ring was 

a part of the rotor complex. With these studies, subunits α, β, δ, a and b2 appear to be part 

of the stator complex whereas γ, ε and the c-ring make up the rotor complex.    

 A more direct demonstration of rotation was achieved by attaching fluorophores to 

one of the subunits and then observing the movement via microscopy. The first study to 

show rotation of γ within F1 used a fluorescent actin filament to observe rotation in F1-

ATPase of thermophilic Bacillus PS3 [77]. Isolated F1 domain was immobilized in a top-

down orientation on a Ni+2-nitrilotriacetic acid (Ni-NTA)-coated coverslip via a His10 tag 

added to the N-terminus of β subunits. On the γ subunit, γS107 was mutated to obtain 

γS107C, which was then labeled with biotin maleimide. A biotinylated actin filament (≤ 3 

µm) that was fluorescently labeled, was attached to the biotin maleimide via streptavidin 

(Fig. 1.4A). This facilitated visual observation of γ subunit rotation in the epifluorescence 

microscope. Actin filaments were observed to be rotating in the presence of ATP, but not 

in the absence of ATP or in the presence of ATP plus sodium azide (inhibitor of catalysis 
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by F1). This linked rotation of γ with net hydrolysis by the enzyme. When viewed from the 

top, the direction of γ’s rotation was observed to be counterclockwise relative to the α-β 

hexamer. A similar approach was used for observing γ rotation in E. coli [94] and 

chloroplast F1 [95] and ε rotation in thermophilic Bacillus PS3, where actin was attached 

to ε [96]. The rotation of actin filaments took place in three 120o steps. Observation of actin 

filament rotation was a novel approach to prove subunit rotation in the enzyme; however 

problems related to steric effects and viscosity due to actin filament’s size impacted 

determination of the true rate of rotation and torque.  Other problems included binding of 

one filament to multiple complexes that were close to each other and collision between 

closely spaced actin filaments.  
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Figure 1.4 
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Figure 1.4. Direct observation of rotation of the γ subunit. A. Schematic shows overall 

experimental setup with isolated F1 [77]. The subunits are not to scale. Three β subunits 

with His10 tags at the N-terminus were immobilized on Ni-NTA coated cover slip. Subunit 

δ was removed. An introduced cysteine near the “foot” of γ was labeled with biotin-

maleimide. Biotinylated fluorescent actin filament was bound to the biotin-maleimide tag 

via streptavidin. Rotation of actin filament was measured by epifluorescence. B. Modified 

setup shows F1 immobilized on a coverslip through β His10-Ni-NTA binding [97]. 

Biotinylated Gold bead of 40 nm was attached at an angle to the γ subunit using streptavidin 

and bovine serum albumin (BSA). Rotation was observed by laser dark-field microscopy. 

Figures in panel A and B have been used with permission from Nature Publishing Group. 

License # 3544840407249 and 3544840587661.    



26 
 

The experimental conditions were modified later to attach a fluorescent bead 

instead of actin filament and spacing F1 complexes at fixed distances such that the beads 

would neither bind to more than one complex nor collide with other beads [98]. However, 

the size of the fluorescent bead was still large (diameter = 1 µm) and the rotational rate and 

torque measured in this study was lower than what other groups have reported. Critical 

advancement was made in the field with replacement of fluorescent beads with gold beads 

of 40 nm diameter (Fig. 1.4B) [97]. The smaller size reduced the viscous drag on rotation 

of γ and the 120o steps of γ were observed with saturating concentrations of MgATP. With 

ATP concentration below KM, the 120o steps were found to occur in substeps of 90o and 

30o. These substeps were later corrected to be of 80o and 40o rotation [99]. The 120o rotation 

of γ was proposed to follow this scheme: binding of ATP to βE drives an 80o rotation of γ. 

At this position, the enzyme halts for a brief period of time which is called the catalytic 

dwell. The ATP is hydrolyzed at βTP
 during the catalytic dwell followed by Pi release from 

βDP. Further 40o rotation releases ADP from βDP which completes the 120o rotation of γ 

[100, 101]. These assays showed that γ rotation is involved in ATP hydrolysis. Proving it 

for ATP synthesis was tricky as ATP synthesis requires both FO and F1 assembled and 

coupled. Immobilizing the entire enzyme on the cover slip has proven to be tough. A way 

around this was worked out by attaching magnetic beads to γ [102, 103]. Magnetic tweezers 

were then used to force the rotation of γ in the synthesis direction with ADP and Pi present. 

Rotation of γ in the synthesis direction showed synthesis of ATP from ADP and Pi. When 

the magnetic field was turned off, γ rotated in the hydrolysis direction at a rate that was 

proportional to the concentration of ATP present. This was used to calculate the efficiency 
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of ATP synthase in synthesizing ATP to be ~80%. This proved that γ rotation is important 

for ATP hydrolysis and synthesis.  

The rotational model serves best to explain the binding-change mechanism by 

which ATP synthase functions. Taken together, the complete process follows this series of 

events: Electron transport chain transports electrons coupled with pumping of protons 

across a semi-permeable membrane, leading to the establishment of proton motive force. 

The potential energy of the PMF is used by the enzyme to drive rotation of the c-ring 

relative to subunits a and b2 in FO. Each c subunit carries one proton that is transported to 

the partial channels of subunit a and then to the cytoplasm. Rotation of the c-ring is coupled 

with rotation of γ via direct physical connection. The rotation of an asymmetric γ subunit 

within the hexameric cavity occurs coordinately with conformational changes in α and β 

subunits. These conformational changes change the affinities of the catalytic sites towards 

substrates and products and facilitate binding/dissociation of reactants. Thus, the potential 

energy of PMF is used to drive synthesis of ATP by the enzyme.  

ATP synthase plays a pivotal role in energy metabolism. However, under certain 

conditions the cell has to inhibit the enzyme. As is the case with many other enzymes, there 

is more than one way to inhibit ATP synthase. While mitochondrial ATP synthase is 

inhibited by a separate protein IF1 [104], bacterial [105, 106] and chloroplast [107] 

enzymes are inhibited by the native epsilon subunit. In addition, ADP can inhibit the 

enzyme [108] and has been shown to compete with ε inhibition [109]. Sodium azide is 

another catalytic site inhibitor [108] that can inhibit the enzyme by stabilizing the ADP-

inhibited state. Other inhibitors include oligomycin, dicyclohexylcarbodiimide, 

venturicidin, tentoxin, efrapeptin and fluoro-aluminate [110]. In the following section, I 
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will talk about the epsilon subunit, which is the natural inhibitor of bacterial and chloroplast 

ATP synthases. The work described in this document has focused on understanding the 

regulatory role of the ε subunit in the E. coli ATP synthase.  
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1.5 The Epsilon subunit 

 The ATP synthase is ubiquitous in eubacteria and in many pathogenic species, it 

plays a role that is not restricted to cellular energy metabolism. For example, the anaerobic 

pathogen Streptococcus pneumoniae uses the enzyme as an ATP-driven proton pump to 

maintain pH homeostasis [111]. The pathogen causes pneumonia, meningitis and otitis 

media and deaths of three million children per year [112]. Studies showed that when the 

expression of the enzyme was prevented by genetic disruption, it led to loss of viability in 

the bacteria, indicating that the enzyme is essential [113]. In Streptococcus mutans that 

cause dental caries, ATP synthase again functions as a proton pump and provides acid-

tolerance at pH values that otherwise would prove lethal [6]. Similarly, Listeria 

monocytogenes, a food-borne, gram positive, facultative anaerobic bacteria that causes 

deadly infection of the central nervous system [114], requires ATP synthase for acid-

tolerance as evidenced from the increased sensitivity of the bacteria to low pH following 

DCCD treatment [7]. In addition, ATP synthase appears to be important in gastrointest ina l 

gram negative pathogens like Salmonella enterica [115], Helicobacter pylori [116] and 

Enterohemorrhagic E. coli [117]. All these studies demonstrate a crucial role for ATP 

synthase in bacterial pathogens. Recent FDA approval of a drug targeting the ATP synthase 

of M. tuberculosis has shown that the enzyme can be an attractive target [118]. This has 

generated a lot of interest in finding compounds and ways to inhibit the enzyme in order to 

develop antimicrobials.  

The ε subunit is the smallest subunit in the F1 domain and plays an inhibitory role 

in chloroplast and bacterial enzymes. Its inhibitory properties were first seen in chloroplast 

enzyme [119]. In the bacterial ATP synthase, ε was shown to be inhibitory first in E. coli 

[105, 120, 121]. Its inhibitory role was confirmed in E. coli [122, 123] as well as 
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thermophillic Bacillus PS3 [124]. In contrast, the homolog of ε in mitochondria, δ, is not 

inhibitory [174]. In addition to regulating the enzyme, ε or its homolog is required for 

proper assembly of the bacterial [122, 125, 126] and mitochondrial enzyme [127]. While 

not required for assembly of the chloroplast enzyme, absence of ε leads to loss of coupling 

between proton transport and catalysis [128, 129]. In one study, bacterial enzyme that 

contained ε subunit without the entire C-terminal domain, showed increased uncoupled 

ATP hydrolysis and decreased proton pumping. This led to a proposal of an additional role 

of ε in energy coupling [130]. It was speculated that the primary role for ε is to prevent 

uncoupled ATP hydrolysis and not to regulate the coupled activity.  

With ε playing such an important role in regulation and function of the enzyme in 

bacteria but no known inhibitory role in mitochondria, it is only natural to search for ways 

that allow targeting it in pathogens to inhibit growth or viability. The goal would be to 

either increase the ε-mediated inhibition to reduce the enzymatic activity or to decrease the 

inhibition to interfere with the regulation of enzyme function. Any compound that either 

improves or reduces ε’s inhibitory ability may be of interest. Thus, targeting ε provides fair 

amount of flexibility. The following section contains a detailed account of the ε subunit of 

E. coli ATP synthase in order to set up a proper background for the remaining chapters of 

the thesis. 

Structure of epsilon: E. coli ε subunit is a 138 amino acid long protein of 

approximately 15 kDa. It is located at the “foot” of the γ stalk, interacting with γ and the 

c-ring. The structure of isolated ε subunit was determined first by NMR spectroscopy [131] 

and later by X-ray crystallography [132] (Fig. 1.5). Both of these structures showed that ε 

is formed by two domains: an N-terminal domain (εNTD) (residues 1-87) and C-terminal 
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domain (residues 88-138). The NTD consists of two antiparallel β-sheets, each made up of 

five β-strands, arranged in two layers and making up a flattened β-barrel (Fig. 1.5). Except 

for β1 and β9 strands, all other β strands are arranged anti-parallel to each other. 

Hydrophobic amino acids are arranged such that they point towards the interior of the β 

barrel. One of the two sheets contains a hydrophobic patch spanning all five β strands, 

which plays an important role in binding with the γ subunit.  

The CTD is formed by two antiparallel α-helices connected by a loop [131]. The contact 

surface between the helices is hydrophobic and involves five highly conserved alanine 

residues that are arranged like a “zipper” such that Ala94, Ala97 and Ala101 on one α-

helix interact with Ala117 and Ala124 on the adjoining α-helix. The CTD had been 

observed to adopt two distinct conformations based on trypsin digestion studies with E. 

coli F1 as well as intact FOF1 [133, 134]. In the presence of MgADP and Pi, ε was resistant 

to trypsin but in presence of ATP without Mg2+, trypsin treatment showed extensive 

cleaving. So the conformations depended on the state of the enzyme with the “active” state 

of the enzyme allowing trypsin digestion and the “inactive” state preventing it. But the 

exact details of those conformations were not known. High resolution crystal structures of 

E. coli F1 revealed that the conformational change involves changes in the CTD α-helices 

whereupon the α helices can stay in a coiled coil close to each other (termed as compact 

conformation, εC) or the second helix can extend and insert in the central cavity of the α-β 

hexamer (termed as extended conformation, εX) [12].  
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Figure 1.5 
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Figure 1.5. The structure of E. coli ε subunit [132]. Panel (A) shows the 3-dimentiona l 

structure of the E. coli ε subunit (PDB ID 1aqt). Ten β sheets of the NTD form a flattened 

barrel and are depicted in shades of green and blue. The CTD α-helices form a coiled-coil 

close to the NTD and are depicted in yellow (loop1), orange (helix1 and loop2) and red 

(helix2). Panel (B) shows the arrangement of the β sheets with respect to each other in a 2-

dimentional form. Figures in panel A and B have been used with permission from Elsevier 

Limited. License # 3544841066015.   
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Interaction of epsilon with other subunits: The localization of ε with respect to other 

subunits was not clear from the initial crystal structure of mitochondrial F1 [51]. In electron 

microscopy studies of F1, γ was found to form the central stalk and ε was positioned with 

it [135]. Cross-linking studies involving cross-linking of ε with other subunits gave hints 

regarding the location of ε [136, 137]. They also revealed that ε establishes numerous 

contacts with subunits of both FO [138] and F1 [137] domains. In addition, information 

regarding the specific amino acids involved in when ε interacts with other subunits, and 

the possible conformational change of the ε subunit was also obtained. The regulatory 

function of the ε subunit in bacterial and chloroplast ATP synthase was known but the 

mechanism by which it regulated the enzyme was not yet clear. Hence, to understand the 

function of ε its interactions with other subunits of the enzyme under different conditions 

were investigated. 

εNTD interactions: Initial studies in E. coli revealed that ε interacts with the γ 

subunit [139]. Later, it was shown that ε binds to the γ subunit with high affinity (KD = 3 

nM) [140]. Other studies have shown ε10 cross-linking with γ228 [136], ε38 with γ205 

[89] and ε43 to γ between γ202 and γ286 [141]. Originally, a genetic study showed that a 

mutation in the ε subunit at residue 31 recoupled ATP hydrolysis and proton pumping in 

E. coli ATP synthase that was uncoupled due to Q42E substitution in the c subunit [142]. 

This suggested that there was some functional interaction between the ε and c subunits. 

Using cross-linking studies, it was shown that εNTD interacts with the c-ring of the FO 

domain at multiple positions [142]. These interactions of ε with γ and c-ring were 

consistent with the location of ε in intact enzyme seen by electron microscopy [135, 143]. 

The conformation of ε was similar to that of the isolated ε observed in NMR and crystal 



35 
 

structures [131, 132]. In this conformation, the NTD and CTD were in close proximity of 

each other and would be positioned under the α-β hexamer. However, Lotscher et al. 

showed direct interaction of β and ε by cross-linking through a water-soluble carbodiimide 

that only cross-links sites in very close proximity [144]. This cross-linking would only be 

possible if ε exists in a conformation that is different from the one seen in the structures.     

εCTD interactions: The structure of isolated ε showed the εCTD α-helices close to 

each other [131]. In addition, the α-helices contact the εNTD with a buried surface area of 

910 Å2 [132]. This region is closely packed, hydrophobic in nature and inaccessible to 

solvent. When ε was shown to cross-link with γ or c subunit, it adopted the same 

conformation as the isolated ε [145]. In other studies εS108 in the loop between α-helices 

was found to interact with β380 [76] and β381 (Fig. 1.7, [146]) residues as well as with 

α411 [147]. Hence, the cross-linking of ε to α and β gave further indication of 

conformational change in ε. Moreover, the interactions were shown to be dependent on the 

type of nucleotide present, indicating an interplay between ε and nucleotides [147]. 

Cingolani and Duncan resolved a X-ray crystal structure of E. coli F1 at a resolution of 3.26 

Å that showed ε in a markedly different conformation than previously available crystal and 

solution structures (Fig. 1.6 and 1.7) [12]. In this state, the α-helices had undocked from 

the coiled coil (compact conformation, εC) and partly inserted in the central cavity of α-β 

hexamer. This state was called the “extended” conformation (εX). In this conformation, 

εCTD contacts five subunits in total and buries ~2900 Å2 of surface area [12]. As shown 

in Fig. 1.6, in the εCTD, the helix1 and loop1 contact the γ subunit with helix1 binding to 

the Rossmann fold of γ. The last β strand of the εNTD changes folding when εCTD 

transitions between the compact and extended conformations. With εCTD in the εC state, 



36 
 

the β strand is folded and is part of εNTD; whereas in the εX state, the strand gets unfolded 

into a loop1 and becomes part of εCTD (Fig. 1.6). In the εX state, helix2 establishes contacts 

with β1, β3, α1, α2 subunits within the central cavity. These interactions of helix2 appear 

important for stabilizing the εX conformation. The antiparallel coiled coil between helix2 

and γ is accompanied with hydrogen bonds and electrostatic contacts making a very stable 

interaction. On the other hand, helix2 is further stabilized by interactions with α1 and α2. 

Post insertion, rotation of γ is thought to position helix2 directly between γ and β1 and 

leads to blocking of the interaction between β1 and γ. The “hook” region of εCTD appears 

to have few if any specific bonds with other subunits but shows a large amount of buried 

surface area with β3.  
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Figure 1.6 

 

 

  

CTD 

εCTD Extended (εX) 

εCTD compact (εC) 



38 
 

Figure 1.6. Conformational changes in the εCTD of E. coli ATP synthase [12]. The 

panels show alternative conformations adopted by the C-terminal domain of ε. On the right 

is the compact conformation (εC) where the CTD α-helices (grey and green) are in a coiled 

coil, close to the N-terminal domain (magenta) and β-strand 10 is folded. The CTD contains 

helix1, loop2 and helix2. On the left is the extended conformation (εX) in which the three 

regions of the CTD that interact with other subunits are numbered. Region 1 contains loop1 

which, in the εX state, is formed by unfolding of tenth β strand of NTD and part of helix1. 

Region 2 contains loop2, which is longer in εX than in εC, and helix2 which becomes two 

α-helices punctuated by a “hook” region (Region 3) in εX. This figure has been used with 

permission from Nature Publishing Group. License # 3544830888375. 
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Figure 1.7 
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Figure 1.7. E. coli F1 domain with the εCTD in extended conformation. F1 X-ray crystal 

structure is shown in a similar manner as [12] (PDB ID 3OAA). The three β subunits are 

depicted in red, green and blue and the three α subunits are omitted to allow better 

visualization. The γ (yellow) and the εCTD (magenta) are shown to insert in the central 

cavity. The εNTD (cyan) is near the foot of γ. The residues εS108 and βE381 are shown 

by space filling atoms.    
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Functional role of epsilon: In bacterial ATP synthase, ε assumes a critical role for 

ensuring proper assembly and function [122]. Since ATP synthase is at the center of energy 

metabolism, it is safe to say that ε’s role in the bacterial cell is very important. The primary 

role of εCTD was found to be in inhibiting ATP hydrolysis by bacterial [120, 124, 148] 

and chloroplast enzymes [107]. The first documentation of ε’s inhibitory property was in 

the chloroplast F1 where it was identified as a cold stable, hydrophobic inhibitor specific 

for chloroplast and having no effect on mitochondrial F1 [119]. Later on, Smith et al. [120] 

were able to partially purify ε from E. coli F1 and show inhibition of ATP hydrolysis by ε 

for the first time. The same group further characterized E. coli ε’s inhibitory property and 

showed that ε can be dissociated from F1 by dilution [105, 121]. It had become evident that 

ε can strongly (~90%) inhibit the ATPase activity of isolated F1. Treatment with the 

detergent lauryldimethylamine oxide (LDAO) increased ATPase activity, revealing that 

ATP hydrolysis of isolated F1 was inhibited by about 5-6 fold by ε [149]. Studies using 

reagents like LDAO, ethylene glycol and octyl glucoside, that alleviated the inhibit ion, 

shed light on the mechanism of inhibition by ε [149-151]. LDAO was found to cause 

dissociation of δ from F1 [151] but the ε subunit was able to inhibit the F1ATPase in absence 

of δ [105]. Cross-linking of ε and β by a water-soluble, zero length carbodiimide was 

reduced in the presence of both ethylene glycol and LDAO, suggesting that ε interacted 

physically with the β subunits to inhibit the enzyme. In addition, the inhibition was 

alleviated by heat (in chloroplast enzyme) [105, 119], alcohol (in chloroplast enzyme [152] 

and in bacteria [153]) and trypsin treatment [134, 154]. The exact mechanisms by which 

of many of the above mentioned factors alleviate the inhibition are not completely 

understood. The data suggested that ethylene glycol and LDAO perturbed ε’s interactions 
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with β without dissociation of ε, alcohol caused dissociation of ε and treatment with trypsin 

cleaved the C-terminal domain. Thus, reduction of inhibition thus appeared to work by 

interfering with the normal interactions of ε within the enzyme. This further confirmed the 

inhibitory role of ε in bacteria and chloroplasts. 

Since ε contains two distinct domains, the question arose about which domain is 

predominant in exerting the inhibitory effect. To investigate this, ε was truncated to 

different lengths and the effects of these truncations were observed on the enzyme’s 

function. Masamitsu Futai’s group showed that deleting 60 amino acids (78-138) in E. coli 

ε prevented inhibition of ATPase activity [123]. This result was the first indication that the 

C-terminal domain is primarily involved in inhibition and dispensable for growth. In 

another study, different residues of εCTD were substituted with alanine [155]. The 

membrane ATPase activity of the enzyme with the truncated ε was less inhibited than the 

wild-type. This study again gave strong evidence for ε’s role in inhibition of the ATPase 

activity. With the high resolution crystal structure revealing the conformational changes as 

well as extensive contacts between εCTD and other subunits, it became clear that the εCTD 

inhibited the enzyme by jamming the gears of the rotor complex [12]. The interactions of 

helix1, helix2, loop1 and loop2 of εCTD with F1 were suggested to be facilitating the 

inhibition of γε rotation within the cavity. The inhibition by εCTD in bacteria is non-

competitive with ATP except in the case of Bacillus PS3 where ε physically binds ATP 

and competes [156]. Further evidence that the εCTD is dispensable for growth is seen in 

E. coli mutants that lack the entire εCTD, yet show nearly normal activity and growth [123, 

130]. Further, wild-type anaerobic organisms like those from the Bifidobacterium genera 
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contain ATP synthases whose ε is devoid of both εCTD α helices [157]. In these bacteria, 

ATP synthase primarily acts as an ATPase-driven proton pump.  

There were doubts regarding ε’s role in inhibition of synthesis [148, 158] as most 

of the studies showed ε inhibition of ATP hydrolysis and were carried out with isolated F1. 

As measurement of ATP synthesis required working with intact FOF1 in membranes and 

removal of ε led to dissociation of F1 from FO [122], it was tough to document inhibit ion 

by ε on membranes. Moreover, the inhibition of ATP hydrolysis on membranes by ε was 

markedly lower than that of isolated F1. This led many to believe that ε-inhibition was 

limited to ATP hydrolysis only in isolated F1 and inhibition was actually relieved when ε-

inhibited F1 bound to FO on the membrane [158, 159]. As a result, many groups concluded 

that ε’s inhibition was limited to ATP hydrolysis and only in isolated F1.  

 This conclusion however proved to be untrue. Past studies had shown that protease 

digestion of isolated F1 cleaved the ε subunit [154], which led to an increase in enzymatic 

activity [160]. When intact E. coli FOF1 within cell membrane was treated with trypsin, it 

also increased the hydrolytic activity at a rate similar to that obtained with ε digestion [133]. 

This indicated that ε may inhibit enzymatic activity in whole FOF1, too. Moreover, 

treatment with LDAO had shown that ε was able to inhibit ATP hydrolysis of membranes 

by 3-fold [149]. Taken together, these results were supportive of ε’s inhibitory role in the 

intact ATP synthase. It also opened up the possibility that ε may have an inhibitory role in 

the ATP synthesis direction. The studies that showed that ε inhibits ATP hydrolysis and 

synthesis by intact E. coli [161] and Bacillus PS3 [124, 162] confirmed ε’s inhibitory role 

in ATP synthesis.    
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Many studies had shown that ε is necessary for binding of the FO domain to the F1 

domain in E. coli and Bacillus PS3 [125, 126], though one study demonstrated that deletion 

of first 15 residues still results in proper assembly and a functional enzyme [163]. In 

addition, most of the binding energy for ε’s binding to F1 is provided by the εNTD [109]. 

The facts that the enzyme could not assemble without ε [122, 123, 148], and that E. coli 

mutants with deletion of residues 73-138 (εNTD contains residues 1 to 88; so part of εNTD 

is deleted) failed to grow aerobically, proved that the NTD was necessary for assembly and 

indispensable for growth. The mutants with deletions of 1-16 residues in εNTD show 

defective coupling between FO and F1, further demonstrating a role for εNTD in enzyme 

assembly [163]. Alanine-scanning mutagenesis of E. coli ε residues 10-93 (mainly the N-

terminal domain) resulted in mutants that had either increased ATPase inhibition and 

decreased DCCD sensitivity or increased ATPase activity and lower membrane bound F1 

[164]. The results hinted at the role of εNTD in binding to the γ subunit and in assembly 

of FO and F1. Mutations that probably interfered with the binding led to lower inhibition of 

the enzyme and dissociation of F1 from the membrane, which again pointed at its 

importance for assembly of the enzyme.     

Apart from inhibition, ε has been found to have a role in coupling of catalysis with 

proton pumping. E. coli mutants lacking the entire CTD of ε (ε88stop) and fusion of 20 

kDa Flavodoxin on NTD showed higher ATP hydrolysis that was uncoupled from proton 

pumping [130]. Moreover, ε88stop mutants without the NTD fusion showed decreased 

ATPase-driven proton pumping compared to wild-type membranes. With partial deletion 

of εCTD, mutants showed reduced proton pumping without any effect on ATPase activity. 
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In E. coli, ε is required for conformational changes in γ which, in turn, may be required for 

coupling of proton pumping with catalysis [165, 166].    

The ε subunit plays an important role in ATP synthesis. In chloroplasts, intact FOF1 

has markedly lower ATP synthesis rates if ε is absent [128, 129, 167]. In isolated F1-

ATPase when γ is forced to rotate in the direction of ATP synthesis, ε is required to achieve 

respectable ATP synthesis efficiency [103]. In the absence of ε, the forced rotation led to 

a production of ~0.5 ATPs per 1 rotation of γ, while in the presence of ε, ~2.3 ATPs were 

produced (an efficiency of 77%). The exact role of ε in ATP synthesis is unclear but 

speculations range from stabilizing part of γ, which experiences the mechanical torque, to 

facilitating a switch to ATP synthesis mode by undergoing structural changes.  
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Effects of ligands/chemicals on ε’s conformation: As mentioned earlier, the C-

terminal domain of ε can adopt different conformations that play important roles in enzyme 

regulation. The C-terminal α-helices can adopt a compact conformation (εC) with both 

helices close together in a coiled-coil or an extended conformation (εX) with both helices 

extended and making multiple contacts with other subunits of F1 [12]. The conformationa l 

change is related to the ligand interacting with the catalytic sites of the enzyme at any given 

time. The interactions of ligands with non-catalytic sites are not crucial for conformationa l 

change [168]. In this section, effects of different ligands on εCTD’s conformationa l 

changes will be discussed. 

As discussed earlier, the E. coli ε subunit can be digested by trypsin treatment of F1 

and FOF1. As a result, trypsin treatment experiments have led to important information 

about the conformational changes in εCTD as they relate to FOF1 function. The CTD of ε 

can transition between an extended (εX) conformation and a compact εC conformation. 

Intact ATP synthase and isolated F1 were trypsin treated in the presence of various 

nucleotides to elucidate changes in the conformational states of εCTD [133, 134]. The main 

cleavage site where trypsin acts is in εhelix2 [133, 169]. The cleavage by trypsin is slow in 

isolated ε (εC) or in E. coli FOF1 in the presence of post turnover conditions (Mg-ADP-Pi 

or Mg-ATP to obtain Mg-ADP-Pi) that favor the εX state. This is because εhelix2 is 

inaccessible to trypsin as it is packed between εNTD and εhelix1. Whereas, pre-hydrolys is 

conditions of AMPPNP alone (non-hydrolysable structural analog of ATP), ATP/EDTA, 

ADP alone or Mg-ADP but no Pi lead to fast εCTD cleavage. The explanation to this is 

that although these conditions disfavor the εX state, εCTD is thought to adopt an 

intermediate conformation between εC and εX such that εhelix2 is available to trypsin [12]. 
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The post turnover nucleotides appear to either increase the rate of transition from εC to εX 

or decrease the rate of transition from εX to εC. Inorganic phosphate (Pi) appears to play an 

important role in maintaining the εX conformation. On the other hand, the presence of ATP 

+ EDTA, AMPPNP, Mg-ADP, ADP alone predispose ε to the trypsin accessible 

conformation either by preventing transition to the εX conformation  or by pushing ε out of 

the εX conformation. It is likely that they prevent the transition to εX conformation as 

otherwise pushing ε out of the εX state would mean that the ligands are competitive with ε. 

These changes were also studied in cross-linking studies with 1-ethyl-3-[3-

(dimethylamino)propyl]carbodiimide (EDC) which allowed cross-linking of ε with β only 

when ε is in the εX conformation. The presence of Mg-ADP-Pi or Mg-ATP allowed cross-

linking of ε with β which indicated that ε adopted the εX conformation. Low amount of 

cross-linking was observed when ATP + EDTA or Mg-ADP were present, indicating that 

ε was in the εC conformation. Similar trends were also observed in thermophillic Bacillus 

PS3 [168, 170]. In addition, sodium azide, which inhibits the enzyme by stabilizing the 

ADP inhibited state, and aluminum fluoride also lead to the εC conformation in Bacillus 

PS3. In addition to ligands, the conformation of ε has been found to be modulated by 

exposure to light in chloroplast ATP synthase [171, 172]. This is important evidence that 

PMF can drive conformational change of εCTD to activate the enzyme for ATP synthesis.  

Detergents have also been shown to have effects on ε inhibition. LDAO and 

ethylene glycol have an alleviating effect on ε inhibition of isolated F1 or intact FOF1 in 

bacteria [149]. Since ε can only inhibit in the εX conformation, LDAO treatment probably 

results in an ε population that has predominantly adopted the εC conformation. It is not 

known how exactly this is achieved. In addition to its effects on ε, LDAO has been found 
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to affect β’s conformation. Short-chain alkyl-beta-D-glucopyranoside (alkylglucosides) 

detergents have been shown to activate chloroplast ATPase by removal of ε [173]. 

Many antimicrobial agents that successfully inhibit the growth of pathogens, do so 

by interfering with the function of enzymes that are vital for their survival. In bacteria, the 

ATP synthase is one of the most critical enzymes that plays important role in energy 

metabolism, nutrient uptake and pH regulation. These are important physiologica l 

processes and interference with any of these can result in reduced growth or reduced 

viability. As a result, molecules that interfere with the normal functioning of this enzyme 

within pathogenic bacteria can be potential leads for antimicrobial agents. As discussed in 

the introduction, the εCTD plays a regulatory role in the bacterial ATP synthase. The 

mechanism of inhibition by εCTD is now known. However, intricate details regarding the 

functional interplay between ε and the enzyme are still not completely clear. During active 

enzyme turnover, there are multiple factors that affect the conformational changes in ε. It 

is necessary to understand how these factors come into play so as to use the inhibitory 

function of ε to target pathogenic bacteria. The research work described in the following 

chapters will help in developing better understanding about the sequence of events in 

enzymatic turnover, place of ε in that sequence and the regulatory function of the ε subunit.  
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1.6 Dissertation Overview  

The goal of this dissertation is to offer more details about the regulatory role of the ε subunit 

in bacterial F-type ATP synthase. We first attempt to understand the biochemistry and 

kinetics related to ε C-terminal domain’s conformational changes. Our studies offer further 

confirmation of regulatory role for the εCTD. At the same time, we show effects of 

different ligands on the changes in conformation of the εCTD and tie these conformationa l 

changes within the sequence of rotational steps of the γ subunit. Next, we demonstrate the 

importance of the terminal segment of the εCTD for optimal enzyme function and the 

subsequent impact on growth of bacteria with the hope that this new understanding will aid 

in the development of better antimicrobials in the future.    

 

Chapter 2 describes the use of two E. coli mutants that have constraints in the native 

function of their ε subunit. We apply the constraints through manipulation of the C-terminal 

domain either by deletion or by cross-linking of its two α-helices. Previous studies have 

showed that the εCTD is responsible for enzyme inhibition and the εNTD is primarily 

responsible for binding to the γ subunit. However, the relationship between εCTD’s 

conformational change and γ rotation is not understood well. By using the two mutants and 

an innovative binding assay, we attempt to address these questions here.  

 

Chapter 3 presents compelling data that shows the importance of ε’s C-terminal domain 

for optimal bacterial ATP synthase function. We show that perturbing ε’s native 

interactions with the enzyme can lead to drastic reduction in respiratory growth of E. coli. 

When ATP synthase switches from synthesis of ATP to hydrolysis, the direction of the γ 
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subunit rotation reverses. This chapter shows that even though both reactions involve mere 

reversal of γ subunit rotation, the regulation by ε may not be that simple and may involve 

distinct interactions with the enzyme in either direction. 

 

Chapter 4 presents an innovative binding assay that can be used as an alternative to  

Surface Plasmon Resonance. BioLayer Interferometry can offer binding kinetics of two 

molecules with a small amount of sample. We describe BioLayer Interferometry in the 

form of a methods paper and list out the technical requirements as well as precautions 

necessary to successfully use this technique. 
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2.1 Abstract 

F1-ATPase is the catalytic complex of rotary nanomotor ATP synthases. Bacterial ATP 

synthases can be autoinhibited by the C-terminal domain of subunit ε, which partially 

inserts into the enzyme’s central rotor cavity to block functional subunit rotation. Using a 

kinetic, optical assay of F1∙ε binding and dissociation, we show that formation of the 

extended, inhibitory conformation of ε (εX) initiates after ATP hydrolysis at the catalytic 

dwell step. Prehydrolysis conditions prevent formation of the εX state, and post-hydrolys is 

conditions stabilize it. We also show that ε inhibition and ADP inhibition are distinct, 

competing processes that can follow the catalytic dwell. We show that the N-terminal 

domain of ε is responsible for initial binding to F1 and provides most of the binding energy. 

Without the C-terminal domain, partial inhibition by the ε N-terminal domain is due to 

enhanced ADP inhibition. The rapid effects of catalytic site ligands on conformationa l 

changes of F1-bound ε suggest dynamic conformational and rotational mobility in F1 that 

is paused near the catalytic dwell position. 
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2.2 Introduction 

 
ATP synthases play a key role in energy metabolism in most living organisms and 

achieve energy coupling as dual engine rotary nanomotors [1–3]. The F-type ATP synthase 

of Escherichia coli (Fig. 2.1), a bacterial prototype, is composed of core subunits that all 

have homologs in the ATP synthases of mitochondria and chloroplasts [4]. The membrane-

embedded FO complex (ab2c10) acts like a turbine to transport protons across the 

membrane, and the external F1 complex (α3β3γδε) contains three cooperative catalytic sites 

for ATP synthesis or hydrolysis. The ring of c-subunits, with the critical proton transport 

sites, is the rotor complex of FO and connects to the central rotor stalk of F1, composed of 

γ and the N-terminal domain (NTD)2 of ε. The three catalytic β subunits alternate with 

three α subunits to surround the upper half of the asymmetric rotor stalk of γ, and the δ-b2 

connection forms a peripheral stator stalk anchoring α3β3 to the other stator subunit of FO, 

a. In vitro, F1 from eukaryotes and bacteria can be dissociated from FO as a soluble, rotary 

motor ATPase, and these F1-ATPases have been useful for both mechanistic studies and 

the determination of high resolution structures. 

Despite general conservation between bacterial and mitochondrial ATP synthases, 

it has been demonstrated that bacterial ATP synthase can be an effective target for 

antibacterial treatment. It is the target of a novel class of compounds that are bactericidal 

for actively replicating and dormant mycobacteria [5, 6] and that show promising effects 

against multidrug-resistant tuberculosis in phase II clinical trials [7]. However, the lead 

compound is only effective against a narrow spectrum of mycobacteria, and, because it 

targets the H+-transporting sites of FO, adapting this scaffold to target other pathogenic 

bacteria introduces a significant risk of cross-reaction with mitochondrial ATP synthase.  
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Figure 2.1 
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Figure 2.1. Architecture of bacterial ATP synthase, and alternate conformations of 

subunit ε. The smaller image (bottom left) depicts the E. coli ATP synthase, with FO 

subunits spanning the membrane bilayer (shaded box); the arrow across the bilayer 

indicates the direction of proton (H+) transport during net ATP synthesis. FO subunits 

(ribbons, a (dark red), b2 (gray), c10 (green)) and F1 subunit  (orange ribbon) are from a 

homology-modeled assembly [13]].  All other F1 subunits are from determined structures 

and are surface-rendered in the FOF1 model but displayed as ribbons in the magnified view 

of E. coli F1 (3  (green); 3   (shades of blue);  (yellow); NTD (1-87) (light pink), CTD 

(88-138) (dark pink)). The FOF1 model shows  in the C or compact conformation (Protein 

Data Bank entry 1BSN), docked to  of EF1- (Protein Data Bank entry 3OAA). The 

magnified ribbon diagram shows the -inhibited F1- structure (Protein Data Bank entry 

3OAA) and omits the foremost  subunit to reveal the extended conformation of  (X); 

for comparison, a ribbon model of the C state is shown offset to the right. The ribbon 

diagram of each  conformation shows space-filling side-chain atoms (colored by element) 

predicted in silico for mutations A101C/L121C. Space-filling atoms are also shown for 

ADP and SO4
2- on the one occupied catalytic   subunit (chain D). The molecular graphics 

were prepared with Chimera [81]. 

  



79 
 

Recently, our group determined the first crystal structure of a bacterial F1-ATPase that is 

in an autoinhibited state mediated by the C-terminal domain (CTD) of its ε subunit [8]. 

Inhibition by ε may serve regulatory roles in ATP synthases of bacteria [2, 9] and 

chloroplasts [10] but does not occur in mitochondrial ATP synthase, which has a distinct 

inhibitor protein [11]. Recent studies confirmed that the bacterial εCTD inhibits ATP 

synthesis as well as hydrolysis [12, 13], indicating that ε inhibition may provide a new 

target for future development of antimicrobial drugs selective for bacteria. With that in 

mind, the current study focuses on improving our biochemical understanding of how the 

catalytic F1 complex of E. coli ATP synthase is inhibited by ε.  

As shown in Fig. 2.1, the ε subunit has two domains. The εNTD, essential for the 

F1 rotor connection to the c-ring in FO [2, 9], is a β-sandwich fold and exhibits a similar 

conformation and association with γ in several structures of bacterial F1 [8, 14] and 

mitochondrial F1 (MF1) [15, 16]; essentially the same εNTD structure is also seen for 

isolated bacterial ε [17–19]. However, the α-helical εCTD has been observed in 

dramatically different conformations (Fig. 2.1). A compact conformation (the εC state) has 

a coiled-coil between its two α-helices, and the second helix packs against the εNTD. The 

εC state has been observed for isolated bacterial ε [17–19] and in one bacterial F1 structure 

[14]. In structures of MF1 [15] and MF1∙c-ring [20], the homolog of ε appears to be locked 

in the εC state by a mitochondria-specific subunit. E. coli ATP synthase can synthesize and 

hydrolyze ATP when ε is restricted to the εC state [21], in which the εCTD does not contact 

any F1 subunits (Fig. 2.1, left). In contrast, in the recently determined structure of E. coli 

F1 (Fig. 2.1) [8], an extended conformation of the εCTD (εX state) contacts five other 

subunits, and its terminal half is inserted into the central cavity of F1. The position and 

subunit contacts of the εCTD within the E. coli F1 structure correlate well with many 
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biochemical studies of ε inhibition and interaction with other F1 subunits (reviewed in Refs. 

2 and 9). The extensive buried surface of the εCTD within the F1 structure and its 

interactions with two catalytic β subunits suggest that this form of the enzyme represents 

an inactive state. This correlates with results of “single-molecule” (SM) studies of F1 from 

E. coli [22] and other bacteria [23–26], showing that ε can induce or extend long “pauses” 

(seconds) during which γ does not rotate in the presence of substrate MgATP. Some SM 

studies concluded that ε inhibits by stabilizing or extending an ADP-induced inhibitory 

pause that occurs at the catalytic dwell [22, 24, 27], whereas another recently concluded 

that ADP- and ε-induced inhibitions are separate processes for cyanobacterial F1 [25]. 

Some studies also concluded that ε inhibition includes or is dominated by changes to one 

or more intrinsic kinetic steps along the catalytic pathway [12, 22, 28, 29]. In the current 

study, we adapt an optical assay to directly measure the kinetics of binding and dissociation 

for E. coli F1∙ε and correlate these with inhibitory effects for wild type (WT) and mutant 

forms of ε. Our biochemical evidence confirms that inhibition by the CTD of ε initiates at 

the catalytic dwell but also shows that ε inhibition competes with formation of the ADP-

inhibited state. Further, whereas ε inhibition initiates at the catalytic dwell, we also show 

that the balance between active and ε-inhibited states responds dynamically to changing 

nucleotide conditions.
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2.3 Results 

Inhibition of E. coli F1 by ε with and without the εCTD 

Upon in vitro dissociation of E. coli F1 from the membrane, ε becomes more inhibitory but 

can dissociate upon dilution of F1, relieving inhibition of F1-ATPase activity [2]. For most 

experiments in this study, we used F1 that was depleted of δ and ε subunits, or F1(-δε). The 

stator subunit δ does not significantly affect F1-ATPase activity [42] but was removed 

because its dissociation from F1 could interfere with assays below for F1∙ε binding and 

dissociation. Fig. 2.2 compares inhibition of F1(-δε) by WT and mutant forms of H6-ε, and 

Table 2.1 summarizes the inhibition parameters from regression curves of Fig. 2.2 and an 

additional data set. As noted before [30], the N-terminal His6 tag on WT ε did not 

significantly alter inhibition compared with WT ε that had the tag removed (Table 2.1). 

Also, inhibition was not altered by the N-terminal Bap tag added to ε (WT and mutants) 

for kinetic assays of F1∙ε binding and dissociation (not shown). 

For WT ε, values for the inhibitory constant KI and residual activity of ε-saturated F1 agree 

with earlier estimates [29, 43]. We obtained nearly the same parameters for ε inhibition in 

assays with ATP < KM (not shown), consistent with noncompetitive inhibition by ε versus 

ATP [29, 44]. We also show that the >90% inhibition by saturating WT ε was unaffected 

by excess Mg2+ (Fig. 2.2A), although F1(-δε) alone was inhibited >50% by 1 mM excess 

Mg2+ (Table 2.1).  

To test for inhibition by ε lacking its CTD, we used ε88stop, one of the largest C-

terminal deletions that still allows assembly of FOF1 that is functionally coupled, both in 

vivo and in vitro [31]. In Fig. 2.1, both conformations of ε are colored magenta for the C-  
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Figure 2.2 
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Figure 2.2. Effects of truncating or crosslinking the CTD on inhibition of F1(- ). A: 

F1(-) was pre-incubated for 10 min with 0.1 mM EDTA and ATP (black and orange 

symbols) or GTP (green symbols) and the indicated concentrations of wild-type H6- () 

or H6-88stop (). Hydrolysis was initiated by adding Mg acetate. Final concentrations of 

added ligands were as follows: 2:1ATP:Mg2+ (black); 1:2 ATP:Mg2+ (orange); 1:2 

GTP:Mg2+ (green). B: ATPase assays as for panel A, but H6-101C/121C was used with 1 

mM DTT present () or with an 101C-121C disulfide bond (). See “Experimenta l 

Procedures” for assay details and regression analysis. With H6-88stop, data points are 

averages from three (ATP) or two (GTP) experiments, and standard error bars are included 

but are smaller than the symbols for most points. Results of regression analyses for these 

and for a dataset with untagged WT  are summarized in Table 2.1. 
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Table 2.1: Inhibition of F1(- ) by variants of subunit   
 

ε 

 

NTP/Mg2+ 

ratio 

 mM 

Activity 

of F1(-) 

(A0) a 

μmol min-

1 mg-1 

Activity of 

 -saturated F1 

(Ae/A0)b (S.E.c) 

% 

 

KI S.E.c 

nM 

Wild-type ATP 2:1 78 7.9 0.6 0.49 0.02 

Wild-type H6- 

ATP 2:1 78 6.8 0.8 0.67 0.04 

ATP 1:2 37 7.9 0.5 0.46 0.02 

GTP 1:2 94 7.3 0.7 0.87 0.04 

H6-88stop 

ATP 2:1 73  76.3 1.2     12.4 1.9 

ATP 1:2 36   54.6 1.4     7.2 0.8 

GTP 1:2 95 84 2.0     13 7 

H6-101C/121C, 

+ 1 mM DTT 

ATP 2:1 80             31 1     1.2 0.1 

ATP 1:2 41             27 1 0.98 0.06 

H6-101C/121C, 

disulfide bonded 

ATP 2:1 80             69 2     23 3.7 

ATP 1:2 38             58 1     31 2 
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Table 2.1. Results of nonlinear regression for data shown in Fig. 2.2 and a data set with 

untagged WT ε. Equation 1 was used (see “Experimental Procedures”).  

a Hydrolysis activity units are μmol·min-1·mg-1 F1(-δε). 

b Activity of ε-saturated F1(-δε), Ae, is listed as a percentage of A0, the measured activity of 

F1(-δε) alone. 

c S.E., standard error from nonlinear regression. 
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terminal region that is absent in ε88stop. As shown in Fig. 2.2A, H6-ε88stop caused much 

less inhibition than WT H6-ε and had a >15-fold larger KI, confirming that the εCTD is 

responsible for the majority of inhibition. However, unlike WT H6-ε, the maximal extent 

of inhibition by H6-ε88stop almost doubled to ~45% in the presence of excess free Mg2+. 

Inhibitory effects of free Mg2+ are linked to inhibitory MgADP bound at a catalytic site on 

F1 from E. coli (45, 46), from other bacteria [47], from mitochondria [48, 49] and 

chloroplasts [50, 51], and hydrolysis of GTP is less sensitive to this type of inhibition [45, 

48, 52]. For example, with 1 mM excess Mg2+, GTPase turnover by F1(-δε) is ~2.5-fold 

faster than ATPase (Table 2.1). We show that WT H6-ε exhibits similar high affinity 

inhibition for GTPase and ATPase (Fig. 2.2A and Table 2.1). However, H6-ε88stop 

inhibited GTPase much less, ~16% maximal, both with excess free Mg2+ present (Fig. 

2.2A) and without it (not shown). Thus, observed partial inhibition of ATPase by the εNTD 

is largely due to increased MgADP inhibition in the absence of the εCTD. This can also 

explain why ε truncated after ε94 (with only about half of the first helix remaining) 

inhibited E. coli F1 ~50% because the assays contained 2 mM excess free Mg2+ [53]. The 

effects of the εNTD are distinct from the >90% inhibition caused by the εCTD of intact 

WT ε, which is not sensitive to the effects of excess Mg2+.  

As an alternative to removing the εCTD, we also used the εA101C/L121C mutant 

[21].3 This cysteine pair can form a disulfide bond in nearly 100% yield (Fig. 2.3) that 

cross-links the two α-helices of the εCTD in the εC conformation, preventing ε from 

switching to the εX conformation (see Fig. 2.1). As shown in Fig. 2.2B, this disulfide 

linkage prevented high affinity inhibition of F1(-δε) as effectively as removing the εCTD. 

However, the partial inhibition observed was less sensitive to excess free Mg2+ than with 
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H6-ε88stop; this suggests that εCTD/εNTD interactions in the εC state can influence 

interactions of εNTD with γ that alter catalytic behavior. With DTT present to prevent the 

disulfide bond, H6-εA101C/L121C could access the εX state and showed high affinity 

inhibition (KI ~ 1 nM), similar to that with WT H6-ε (KI ~ 0.5 nM). However, the activity 

of F1 saturated with reduced H6-εA101C/L121C was 4-fold greater than with WT H6-ε. In 

the structure of ε-inhibited F1 [8], εLeu-121 is in a coiled-coil interface with the γ N-

terminal helix, and the εL121C mutation probably perturbs this interface, favoring more F1 

complexes in the active state on average. This supports the concept that, with ε-saturated 

F1, the residual ATPase activity (7–8% with WTε) is due to the time-averaged fraction of 

F1 complexes in which ε is not in the inhibitory εX conformation. 
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Figure 2.3 
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Figure 2.3.  SDS-PAGE analysis of disulfide bond formation with εA101C/L121C.  

Samples were applied to 12% SDS-PAGE under non-reducing conditions. Lane 1 of each 

gel: molecular weight markers (approximate kDa noted for gel A). Gel A: samples of 

H6A101C/L121C (1 g/lane) were taken (lane 2) immediately after DTT was removed 

from the sample by centrifuge column or (lane 3) after 2 min of reaction with 50 M 

DTNB. Gel B: samples of (MBP cleaved)-Bap- (5 g/lane) were taken (lane 2) after 

removing DTT as above or (lane 3) after reaction with 50 M DTNB for 15 min. With 2-

mercaptoethanol in the gel sample buffer (not shown), each A101C/L121C migrated only 

at the upper band position (above 14 kDa standard), confirming that the lower band seen 

here was a faster migrating band due to the internal A101C-L121C disulfide bond. 
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Kinetics of F1∙ε Binding and Dissociation, Assayed by BLI 

In preliminary assays, H6-ε was loaded on BLI sensors coated with Ni2+ -nitrilotriace t ic 

acid, but slow dissociation of WT H6-ε from the sensors prevented accurate measures of 

the slow dissociation rate of F1 from WT H6-ε. To achieve more stable and specific 

attachment of ε to the sensor surface, ε was engineered with an N-terminal Bap tag, so that 

a specific lysine could be 

biotinylated in vivo [32]. Biotinylated Bap-ε could be stably bound to streptavidin-coated 

sensors (supplemental Fig. S1), and BLI was then used to measure binding and dissociation 

kinetics of F1(-δε). For each Bap-ε variant, 4–7 sensors were used in parallel, with F1(-δε) 

concentrations varied 10-fold in the association samples, and association/dissocia t ion 

kinetics were fit globally to determine the rate constants (Table 2.2). KD values derived 

from the rate constants correlate well with inhibitory KI values (Table 2.1) for WT ε, 

ε88stop, and disulfide bonded εA101C/L121C. Representative kinetics for 

binding/dissociation of F1(-δε) with sensors containing WT ε or ε88stop are shown in Fig. 

2.4. The εCTD did not significantly alter the association rate, indicating that only εNTD/γ 

interactions are involved in initial F1∙ε binding. In contrast, removing the εCTD (Fig. 2.4) 

or preventing it from adopting the εX state (disulfide-bonded εA101C/L121C) increased 

the dissociation rate by 80-fold (Table 2.2). For sensors loaded with biotinylated WT 

BapH6-ε, only a small fraction of bound F1(-δε) could be observed to dissociate in buffer 

only (Fig. 2.4), but results presented below show that essentially all F1(-δε) on the sensor 

is reversibly bound. Additional assays (not shown) included excess, non-biotinylated WT 

H6-ε in the dissociation phase and confirmed that the observed, slow dissociation rate was 

not due to rebinding of F1(-δε) to the sensor. Thus, the much slower dissociation of F1(-
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δε)/WT-ε is probably due to strong bias of bound WT ε to reside in the εX state, with the 

εCTD buried within F1. However, from the KD values (Table 2.2), note that the εCTD 

contributes only ~20% to the net free energy for F1∙ε binding (ΔΔG, -10 or -12 kJ/mol for 

WT ε versus ε88stop or disulfide-bonded εA101C–L121C, respectively). This does not 

mean the εX state of εCTD has only weak interactions with other F1 subunits; rather, the 

small contribution to net binding energy is probably due to the loss of favorable interactions 

between ε and α3β3 that are blocked by insertion of the εCTD.  
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Figure 2.4 
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Figure 2.4. Binding and Dissociation Kinetics for F1(- ) and sensor-bound 

biotinylated  ,   CTD. Biotinylated Bap- (wild-type or 88stop, as noted) was loaded 

on streptavidin biosensors. At time 0, each sensor was transferred from buffer alone to a 

sample containing 15 nM F1(-). After 900 s (vertical dashed line), each sensor was 

moved into buffer without F1(-). Black lines, experimental data; red lines, the kinetic fits 

for each , from global regression of kinetic data at varied concentrations of F1(-). Kinetic 

parameters and KD values derived from the fittings are summarized in Table 2.2. 
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Table 2.2 Binding/dissociation rates and KD values for F1(-) with variants of subunit 

ε 

Biotinylated ε ka, SEa  

M-1s-1 

kd SEa 

s-1 

KD  

nM 

Wild-type 2.0x105 0.1% 4.8x10-5 0.1% 0.24 

Wild-type, 

+1 mM EDTA/ATP 

2.3x105 0.1% 4.1x10-3 0.1% 17 

88stop 3.1x105 0.6% 3.8x10-3 0.4% 12.2 

101C/121C,  

disulfide bonded 

2.1x105 0.3% 6.6x10-3 0.2% 32 
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Table 2.2. Binding/dissociation rates and KD values for F1(-) with variants of 

subunit   

aS.E., standard error from global fitting analysis (presented as a percentage of the 

parameter’s value).  
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Effects of F1 Ligands (Mg2+, Nucleotides, Pi) on Conformational Bias of Bound, Full-

length ε  

From the crystal structure of ε-inhibited F1 [8], the extensive surface area of εCTD 

that is buried within the central cavity of F1 suggests that the εX state of ε does not directly 

dissociate from F1; the slow dissociation observed in Fig. 2.4 probably occurs due to 

dynamic transition of ε between εX and conformations like εC in which the εCTD is outside 

of the central rotor cavity. Thus, factors that influence the fraction of F1 complexes with ε 

in the εX state should alter the kinetics of F1∙ε dissociation. To show that the conformation 

of ε on E. coli F1 and FOF1 can be influenced by nucleotides and other ligands that interact 

with catalytic sites, early studies used static assays, such as the capacity to form a β-ε cross-

link; crosslinking of β-ε was minimized by non-hydrolysis conditions, such as ATP/EDTA 

or MgAMPPNP but maximized by post hydrolysis conditions (MgADP/Pi) [54, 55]. The 

β-ε cross-linking residues [56] are within hydrogen-bonding distance in the structure of ε-

inhibited F1 but should be at least 35 Å apart with ε in the εC state [8]. Here, we use the 

BLI assay for F1∙ε binding/dissociation for more dynamic analyses of how different ligands  

may shift the conformation of F1-bound ε between the εX state and other conformations of 

the εCTD that allow faster F1∙ε dissociation. In control assays (not shown), the various 

ligands tested did not alter the rate at which F1(-δε) dissociated from biotinylated ε88stop, 

confirming that the ligand effects are specific to the εCTD of WT ε. F1(-δε) was bound in 

parallel to multiple sensors with biotinylated WT ε, and Fig. 2.5 shows dissociation of F1(-

δε) when sensors were exposed to different ligands. For Fig. 2.5A, F1(-δε) was bound to all 

sensors in MTK8 buffer + BSA, and dissociation in this buffer was slow (Fig. 2.5A, curve 

4,~5.4x10-5 s-1 ± 0.2%).  
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Figure 2.5 
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Figure 2.5. Effects of other ligands on dissociation of F1 from sensor-bound wild-type  

 . F1(-) (50 nM) was incubated ~10 min  in MTK8 +BSA buffer only (A) or plus 1 mM 

ATP:EDTA (B) and then incubated with BLI sensors containing WT BapH6- to 

equilibrate F1· binding. Signals for bound F1(-) varied slightly between sensors (6 to 

9%), so data were normalized for display. Results show the kinetics of F1(-) dissociation 

upon moving sensors into buffer with different ligands. Panels C and D show selected 

results from A and B, respectively, for the initial 60 s of dissociation. When present, Mg2+ 

was at 2 mM; all other ligands were at 1 mM. Curves: 1, ATP:EDTA; 2, MgADP; 3, 

MgATP; 4, buffer only; 5, MgADP:Pi; 6, Mg2+:Pi.  
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This is consistent with access to the εX state when F1 is in a post-hydrolysis conformation 

because isolated F1(-δε) retained ~1.5 ADP (mol/mol) but negligible ATP at catalytic sites 

(see “Experimental Procedures”). Added MgADP/Pi (Fig. 2.5A, curve 5) appeared to 

stabilize the εX state, consistent with prior β-ε cross-linking results [55]. However, a similar 

effect was achieved by adding only Mg2+ and Pi (Fig. 2.5A, curve 6), suggesting that the 

endogenous ADP in isolated F1(-δε) was sufficient to stabilize the εX state upon the addition 

of Mg2+ and Pi. The importance of Pi in stabilizing this state [55] was also observed here 

because MgADP alone (Fig. 2.5A, curve 2) allowed a significant fraction of F1 to dissociate 

faster.  

In contrast to slow F1∙ε dissociation under post-hydrolysis conditions, the addition 

of 1 mM ATP/EDTA caused ~94% of F1∙ε to dissociate ~80-fold faster (Fig. 2.5A, curve 

1, 4.2 x 10-3 s-1 ±0.1%) and with <3-s transition to faster dissociation (Fig. 2.5C). This effect 

is due to ATP because EDTA alone had a minimal effect on F1 dissociation from 

immobilized WT ε (not shown). Further, by including 1 mM ATP/EDTA during 

association and dissociation phases, global analysis of F1·ε binding/ dissociation shows that 

ATP/EDTA did not alter the F1·ε binding rate but gave a dissociation rate and KD similar 

to values for ε88stop (Table 2.2). The presence of nonhydrolyzable MgAMPPNP (2:1 mM) 

during the dissociation phase (not shown) also accelerated F1·ε dissociation, indicating that 

nucleotide binding alone is sufficient to shift F1 to a conformation that does not allow the 

εCTD to insert into F1 and form the εX state. Also, the ability of MgADP/Pi to stabilize the 

inhibitory state of ε was readily reversible; even when F1(-δε) was bound to WT ε/sensors 

for 45 min with MgADP/Pi present, switching the sensors to buffer with MgAMPPNP 

immediately caused >90% of F1(-δε) to dissociate at the faster rate (not shown; 3.7 x 10-3 
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s-1 ± 0.1%). For the experiment in Fig. 2.5B, F1(-δε) was bound to immobilized WT ε in 

the presence of 1 mM ATP/EDTA, so that most F1·ε complexes would not have ε in the 

slowly dissociating εX state at the time the sensors were moved to dissociation wells. As 

expected, F1 dissociation was fast with ATP/EDTA present (Fig. 2.5B, curve 1). With 

buffer only (Fig. 2.5B, curve 4), most F1 still dissociated fast. This could indicate that ATP 

bound during the F1·ε association phase dissociated slowly or that endogenous ADP had 

dissociated from F1 during the association phase due to the ATP/EDTA present. MgADP 

alone (Fig. 2.5B, curve 2) slowed dissociation of most F1, but MgADP/Pi (Fig. 2.5B, curve 

5) or Mg2+ /Pi (Fig. 2.5B, curve 6) effectively reversed the ATP/EDTA effect so that almost 

all F1 dissociated very slowly. Mg2+ was essential for this effect; without it, F1 dissociation 

in the presence of 1 mM Pi (not shown) was nearly identical to that in buffer alone (Fig. 

2.5B, curve 4). The effect of Mg2+ was enhanced by submillimolar Pi (not shown, K1⁄2 

~0.2mM Pi), similar to how Pi enhanced MgADP protection of F1 -bound ε from trypsin 

[55].  

With Mg2+/Pi, there was no apparent lag in reverting F1·ε to slow dissociation (Fig. 

2.5D, curve 6). This suggested that, after F1·ε association with ATP/EDTA present, rapid 

reversion by Mg2+/Pi to slow F1·ε dissociation required hydrolysis of ATP that remained 

bound at a catalytic site. In the dissociation step, added Mg2+ could complex with the bound 

ATP, and hydrolysis would return F1 to the catalytic dwell step, at which insertion of the 

εCTD into the central cavity appears to occur. The bound MgADP/Pi present would then 

stabilize F1 with ε in the εX state. The experiment shown in Fig. 2.6 tested this possibility. 

With non-hydrolyzable MgAMPPNP present during F1·ε association, dissociation of most 

F1·ε was fast in the presence of MgAMPPNP (Fig. 2.6, curve 1) or in buffer alone (Fig.   
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Figure 2.6 
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Figure 2.6. Contrasting effects of Mg2+:Pi on F1/  dissociation after preincubating F1 

with ATP:EDTA or MgAMPPNP. F1(-) (50 nM) was incubated ~10 min in MTK8 

buffer containing 2:1 mM MgAMPPNP (curves 1-3) or 1 mM ATP:EDTA (curve 4) and 

incubated with BLI sensors containing WT BapH6-. BLI signals for bound F1(-) were 

normalized as in Fig. 2.5. Kinetics of F1 dissociation were monitored in the presence of 2:1 

mM MgAMPPNP (curve 1), buffer only (curve 2), or 2:1 mM Mg2+/Pi (curves 3, 4).  
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2.6, curve 2), similar to the effects of ATP/EDTA in Fig. 2.5B. However, with 

MgAMPPNP present during association, inclusion of Mg2+/Pi during dissociation failed to 

prevent fast dissociation of most F1 (Fig. 2.6, curve 3), in contrast to the parallel control 

with ATP/EDTA in association (Fig. 2.6, curve 4). These results indicate that, with 

catalytic nucleotide bound in a prehydrolysis state, the rotary conformation of F1 does not 

allow insertion of the εCTD into the central rotor cavity, but hydrolysis at the catalytic 

dwell allows the εCTD access to insert and form the εX state. In the experiments of Fig. 

2.5, hydrolysis conditions had complex effects on F1·ε dissociation. With or without 

ATP/EDTA during F1·ε binding, MgATP in the dissociation phase (curve 3) induced a 

small or negligible rate of F1·ε dissociation during the initial 60 s (Fig. 2.5, C and D). 

Comparable with conditions for Fig. 2.5B, assays for ε inhibition of F1-ATPase (Fig. 2.2) 

included an ATP/EDTA preincubation, and ε- saturated F1 had initial ATPase activity (1–

2 min, not shown) that was ~85% of the steady-state, inhibited rate. Thus, compared with 

fast F1 dissociation in the continued presence of ATP/EDTA, hydrolysis of MgATP 

initially reverted F1·ε complexes to slow dissociation, rapidly re-establishing the bias 

toward the inhibitory εX state (Fig. 2.5D, curves 1 and 3). This is consistent with 

noncompetitive inhibition of ε versus MgATP and, combined with other results above, 

indicates that ε accesses the inhibitory εX state following hydrolysis at the catalytic dwell 

step. On the longer time scale of Fig. 2.5 (A and B), hydrolysis conditions increased the 

dissociation rate for a fraction of F1·ε complexes. As indicated by other experiments below, 

this slow effect on F1·ε dissociation is probably due to gradual competitive transition of 

some active complexes to the ADP-inhibited state, which favors faster dissociation of ε. 

The fast dissociating fraction was substantially smaller for F1·ε complexes formed in the 
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presence of ATP/EDTA (Fig. 2.5B), probably because the ATP/EDTA preincubation 

minimizes initial inhibition (not shown) due to ADP-inhibited complexes.
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Inhibition of F1(-δε) by Azide and the εCTD Are Competing Processes 

The above results support prior SM mechanics studies [22–24, 26] that concluded that ε 

inhibition pauses rotation at the catalytic dwell position. In the absence of ε, long pauses 

at the catalytic dwell have been documented and attributed to inhibitory MgADP [57, 58]. 

However, there have been conflicting conclusions about the relationship between 

inhibitory MgADP and ε inhibition for F1 of different bacterial species [22, 24, 25, 27]. 

We investigated this by testing interactions between ε inhibition and inhibition by sodium 

azide, which acts by stabilizing the MgADP-inhibited state [45, 59–61]. We first tested 

inhibition of F1(-δε) by azide, with or without excess WT or mutant forms of H6-ε present. 

Inhibition of F1(-δε) alone showed a KI of ~5 μM azide, whether assays were done with 

2:1 mM Mg/ATP (Fig. 2.7) or with 1:2 mM Mg/ATP (not shown). Thus, for E. coli F1, 

azide inhibition is separated from the step that confers sensitivity to inhibition by excess 

free Mg2+. The KI for azide was not altered by bound H6-ε mutants that could not access 

the εX state due to truncation (ε88stop) or disulfide bonding (εA101C–L121C). The 

presence of 100 nM WT ε reduced the activity of F1(-δε) ~10-fold, but the residual activity 

was still inhibited by excess azide. However, bound WT H6-ε increased the KI for azide 

~5-fold (Fig. 2.7). Also, saturating F1(-δε) with reduced H6-εA101C/L121C, which was 

less inhibitory than WT H6-ε, yielded an intermediate KI value for azide inhibition. These 

results indicate that forming the inhibitory εX state competes with azide’s capacity to inhib it 

F1-ATPase. To test whether azide also competed with formation of the ε-inhibited state, 

F1(-δε) was bound to immobilized WT BapH6-ε in buffer alone, and F1·ε dissociation was 

measured under hydrolysis conditions with varied concentrations of azide (Fig. 2.8A). 
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Increasing azide concentrations caused greater fractions of F1·ε to dissociate at a faster rate, 

and the hyperbolic dependence on azide (Fig. 2.8B) yielded a K1⁄2 of ~14 μM, comparable 

with the mid-range of KI values for azide inhibition with or without WT H6-ε (Fig. 2.7). 

Taken together, the results of Figs. 2.7 and 2.8 show competition between (i) the ability of 

the εCTD to insert, forming the inhibitory εX state, and (ii) the ability of azide to bind to 

and stabilize the MgADP-inhibited state of F1. 
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Figure 2.7 

 

 

  



108 
 

Figure 2.7. Effects of excess   variants on inhibition of F1–ATPase by azide. Steady-

state ATPase rates were measured for F1(-) in the presence of varied concentrations of 

sodium azide. Assays were done in the absence of  or in the presence of excess variants 

of H6-. Each data set was fit to the equation v = V/(1 + [azide]/KI), then ATPase rates were 

normalized to V (µmol∙min-1∙mg-1 F1(-), without azide) = 100%. Without , similar KI 

values (M) were obtained for assays done with 2:1 mM ATP/Mg2+ (V = 78 3, KI = 4.7  

0.7, not shown) or 1:2 mM ATP/Mg2+ (; dashed line, V = 29.3  0.5, KI = 5.3  0.3). 

Assays were done with 1:2 mM ATP/Mg2+ in the presence of 100 nM wild-type  (; V = 

3.8  0.04, KI = 24.5  0.9) or 100 nM 88stop (; V = 17.9  0.3, KI = 4.6  0.2), or with 

2:1 mM ATP/Mg2+ in the presence of 100 nM A101C/L121C +5 mM DTT (; V = 30.9 

 0.3, KI = 13.5  0.4) or in the presence of 300 nM disulfide-bonded A101C/L121C (; 

V = 75.6  0.7, KI = 6.2  0.2). In control assays (not shown), 5 mM DTT had no direct 

effect on ATPase activity of F1(-). 
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Figure 2.8 
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Figure 2.8. Effects of azide on dissociation of F1 from sensor-bound, wild-type  . A: 

Kinetics for F1· dissociation measured by BLI. Prior to the F1 dissociation phase shown, 

BLI sensors had been loaded with biotinylated wild-type , then incubated for 900 s in 

buffer with 20 nM F1(-); the normalized BLI signal at time 0 represents bound F1(-). 

Dissociation of F1(-) from immobilized  was done in hydrolysis conditions (1 mM ATP, 

2 mM Mg2+) with increasing concentrations of azide, as indicated. Dissociation kinetics 

were biphasic, with ‘fast’ (1-2.5 x10-3 s-1) and ‘slow’ (0.8-1.6 x10-4 s-1) fractions (nonlinear 

regression fits not shown, but essentially superimpose with data at scale shown; R2 > 

0.9995 for all fits). B: The azide-dependence of F1/ dissociation. The fraction of 

complexes that dissociated fast vs slow shows hyperbolic dependence on azide 

concentration, with K½ = 14 µM (± 2.3; R2 = 0.9935). 
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2.4 Discussion 

Correlating Results with Functional and Rotational States of the Enzyme—Hydrolysis by 

the three alternating catalytic sites of F1 drives a full 360° rotation of the γ central rotary 

shaft, so hydrolysis of each ATP molecule involves a 120° rotation of γ relative to α3β3. As 

depicted schematically in Fig. 2.9, SM microscopy studies of bacterial F1-ATPases 

(reviewed in Refs. 62 and 63) have shown that each 120° rotation is comprised of two 

observable rotary substeps (solid arrows); MgATP binding at one alternating catalytic site 

drives an ~80° rotation of γ to the catalytic dwell angle, whereas the subsequent ~40° 

rotation is limited by the intrinsic rates of hydrolysis and Pi dissociation at the other 

alternating catalytic sites. At 120°, Mg2+ and ADP dissociate from one site before or in 

concert with binding of MgATP at another site to drive the next 80° substep. Fig. 2.9 also 

includes bars along the rotational arc that depict the observed angular position of γ (relative 

to α3β3) in crystal structures of F1 or F1·c-ring complexes. This is based on alignment of 

structures by a structurally conserved, apparently stiff core of the γ subunit that we 

identified previously [8]. A recent analysis of MF1 structures concluded that the position 

of γ could not be correlated with rotational angle during the catalytic cycle, arguing that 

the part of γ protruding below α3β3 is variably displaced by lattice contacts in different 

crystals [64]. However, biophysical characterization of the stiffness of γ indicates that only 

the lowest portion of γ, near its interface with the c-ring of FO, is extremely pliable [65]. 

Also, the 99 residues of γ that we identified as a structurally conserved “γ-core” include (i) 

most of the γ coiled-coil that is inside α3β3, (ii) the first ~15 residues of the γ C-terminal 

helix that protrude below α3β3, and (iii) 41 residues of the γ Rossmann fold domain that 

pack beside the protruding part of the γ C-terminal helix (see supplemental Figs. 4 and 5  
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Figure 2.9 
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Figure 2.9. Proposed paths for inhibition by CTD or ADP/azide, relative to rotary 

catalytic sub-steps and estimated angular positions of   in F1 structures. A 120° 

segment is shown for ’s rotational cycle, corresponding to net hydrolysis of 1 ATP. Two 

rotary substeps, observed by SM microscopy, are depicted by solid arrows (direction is for 

’s rotation during hydrolysis). Bars along the inner edge of the 80 to 120° arc indicate 

’s approximate rotary angle in 34 F1 crystal structures (see supplemental Table S-I). Bars 

are spaced every 5, and the height represents the number of F1 structures aligned near each 

angle (2.5); the shortest bar, one structure, longest bar, 12 structures. Bars are shaded 

for structures of bovine F1 (black), yeast F1 (gray) and E. coli F1 (checkered). The dotted 

arrows below the bars indicate the proposed paths to and from the ADP-inhibited state, as 

stabilized by azide at ~95 [61]. The dashed arrow shows the ~40° rotary shift proposed 

to occur during transition into (counterclockwise) or out of (clockwise) the -inhibited state. 

The two F1 aligned past 120° are also shown near 0°, as this position should be near the 

starting point for the next 120° turn. 
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of Ref. 8). We have updated our analysis of the rotational angle of γ to include 34 F1 or 

F1·c-ring structures and find that all γ subunits superimpose well with the γ-core 

(supplemental Table S-I). Thus, the distribution of F1 structures along the rotary arc of γ in 

Fig. 2.9 should be useful for comparing structural states with functional and rotational data. 

Although there is no current consensus for correlating the rotary position of γ in 

known structures with the dwell states observed in SM assays after 80 and 40° substeps 

[63, 66, 67], we assign γ to be at 80° for one MF1 structure, with all three catalytic sites 

filled with nucleotide (Protein Data Bank entry 1H8E), because structural considerations 

[68] and molecular dynamics simulations [69] suggest that it is closest to the catalytic dwell 

state. Most MF1 structures have no nucleotide in the βE site due to an open conformation 

that distorts the nucleotide- binding pocket, but 1H8E has a “half-closed” conformation of 

βE with bound MgADP and SO4
2- (thought to mimic Pi binding). Another recent MF1 

structure (Protein Data Bank entry 4ASU) also has a nucleotide in all three catalytic sites, 

but its βE is much closer to the open conformation and has ADP but no bound SO4
2- (or Pi) 

or Mg2+ [64]. The 4ASU structure was proposed to represent the catalytic intermed iate 

from which final products Mg2+ and ADP dissociate, and its rotary position at ~123° (Fig. 

2.9) correlates with SM studies indicating that ADP dissociates after ~40° rotation to one 

of the 120° dwell positions [70–72]. The structural indication that Mg2+ dissociates before 

ADP [64] suggests that the inhibitory effect of free Mg2+ occurs at the 120° position. This 

can explain results showing that excess free Mg2+ does not affect inhibitory transitions that 

occur at the catalytic dwell step at 80°; free Mg2+ does not affect the rate at which actively 

rotating E. coli F1(-ε) switches to the ADP-inhibited (paused) state [22], and, as shown 

here, free Mg2+ does not alter inhibition of E. coli F1 by εCTD or azide.  
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Although our results indicate that ADP and ε inhibition begin as competing 

processes after hydrolysis at the catalytic dwell, F1 structures of these inhibited states have 

γ positioned at angles that are distinct from the catalytic dwell; in Fig. 2.9, azide-inhib ited 

MF1 [61] has γ at 93°, and ε-inhibited E. coli F1 [8] has γ rotated much further to 123° 

(checkered bar). In contrast, SM studies concluded that both ADP and ε inhibition cause 

long paused/inactive states at the catalytic dwell at 80° [22–24, 57]. With a bead attached 

to γ or ε, it is possible that SM microscopy could have overlooked dynamic oscillat ions 

between 80 and 120° because those assays can exhibit broad angular distributions of 

events. For example, during long paused periods (up to 1–2 s) without net rotation, a γ-

attached bead on E. coli F1 (-ε) showed rapid, ongoing angular fluctuations spanning at 

least ±30° (Fig. 2.3A in Ref. 22). This could represent dynamic rotational oscillations in E. 

coli F1 or could be a technical limitation because the bead was attached to γ by a single 

cysteine, allowing for significant flexibility in the linkage. On the other hand, there is prior 

evidence that functional rotation is needed for transition to and from the ε-inhibited state; 

with E. coli FOF1 in liposomes, a chemical treatment that blocks rotation of FO also 

prevented nucleotide-dependent changes in the conformation of ε [54]. With F1 exposed to 

MgADP/Pi, conditions that stabilize the ε-inhibited state (Fig. 2.5), cryoelectron 

microscopy of E. coli F1 showed a unique, ε-dependent position of γ and a unique position 

of ε relative to α3β3 [73]. Also, with FOF1-liposomes, SM fluorescence assays showed a 

shift in the position of the εNTD relative to the FO stator for active versus inactive 

complexes [74]. Thus, we propose that the εCTD begins inserting into bacterial F1 near the 

catalytic dwell (80°) but then induces partial rotation to ~120° to achieve the final ε-

inhibited state, with the last half of the εCTD buried in the central cavity of F1 [8]. This is 
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similar to a proposal that insertion of the mitochondrial inhibitor protein (IF1) into MF1 

involves rotational steps [75], and I F1-inhibited MF1 has γ rotated ~27° past the catalytic 

dwell in Fig. 2.9. The transitions of azide-inhibited MF1 and ε-inhibited E. coli F1 to distinct 

rotary angles may help explain the competition between these inhibitory paths. Azide -

inhibited MF1 has azide bound with MgADP in the closed, high affinity βD site, but azide 

inhibition is unlikely to occur in the ε-inhibited state of E. coli F1 because insertion of the 

εCTD and rotation of γ shift βD to a distinct “half-closed” conformation. Conversely, if E. 

coli F1 first shifted to the ADP-inhibited state, azide would probably stabilize the closed 

βD state and so prevent opening of the αEβD interface with γ that is necessary to allow 

insertion of the εCTD. In Fig. 2.9, the broken lines below the arc indicate the proposed 

rotational paths leading to and from ADP- or ε-inhibited states. In SM tests of forced 

rotation, TF1 was preferentially activated from the ADP-inhibited state (paused at ~93°; 

Fig. 2.9) by >40° rotation forward, and, consistent with proposed release of ADP near 120° 

(Fig. 2.9), added ADP suppressed or reversed rotational activation [76). In contrast, forced 

rotation of up to 120° in either direction failed to reactivate ε-paused TF1 [26]. Based on 

the asymmetric insertion of εCTD within F1 [8], we suspect that reactivation from the εX-

inhibited state (Fig. 2.9, near 120°) occurs with the lowest activation barrier by reverse 

rotation of γ/εNTD toward the catalytic dwell angle at 80° (Fig. 2.9, dashed arrow). Such 

reactivation by rotation in the direction of ATP synthesis may be indicated by a study with 

E. coli FOF1-liposomes; with MgADP and Pi present, prior exposure to proton motive force 

activated the initial rate of subsequent ATPase activity up to 9-fold [77].  

Dynamics of ε Conformational Changes and the Influence of Nucleotides/Ligands— Under 

conditions for ATP hydrolysis, SM assays with a 60-nm gold bead attached to γ showed 
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that E. coli F1 complexes switch back and forth between actively rotating and paused states 

every few seconds, with or without ε bound to F1 [22]. Our results on F1·ε dissociation 

kinetics are consistent with such rapid exchange between active and inactive states. As 

shown in Fig. 2.5 (C and D), there were no more than a few seconds lag in ligand-dependent 

switching between the slowest and fastest modes of F1·ε dissociation. Exposure to 

saturating nucleotide without hydrolysis (ATP/EDTA or MgAMPPNP) induced the fastest 

and essentially monophasic F1·ε dissociation (Figs. 2.5 and 2.6), indicating that few F1·ε 

complexes remained in or could regain access to the εX-inhibited state. However, most F1·ε 

complexes still dissociated slowly upon exposure to hydrolysis conditions (Fig. 2.5), 

consistent with noncompetitive inhibition by ε versus ATP for E. coli F1 [29, 44]. Also, the 

KI for ε inhibition of steady-state hydrolysis (Table 2.1, ~0.5 nM) is similar to the KD for 

F1·ε binding (Table 2.2, 0.24 nM), which was measured without added nucleotides. Thus, 

it is unlikely that catalytic binding of ATP or MgAMPPNP directly increases the rate at 

which the εX-paused state returns to an active form. Rather, we propose that the intrins ic 

rates to and from the εX-inhibited state are fast enough (seconds or less) to allow ligands to 

influence subsequent conformational changes once F1 exits from the ε-inhibited state. Once 

the εCTD escapes from the central cavity of F1 near 80°, F1 would be most likely to rotate 

forward, completing an active 40° step (Fig. 2.9, solid arrow). At that point, binding of 

nucleotide would drive an ~80° step toward the next catalytic dwell but, without hydrolys is, 

would trap F1 in a conformation and rotary position that would not allow the εCTD to 

reinsert; thus, F1·ε complexes would dissociate at the faster rate observed with only 

γ/εNTD interactions. With hydrolysis conditions, each return to a catalytic dwell step 

would provide the same low probability for insertion of the εCTD, and, as indicated by SM 
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studies [22], the long durations of the paused/inhibited states (1 to 3.5 s) relative to the 

limiting catalytic steps (1–2 ms) would result in a large fraction of inhibited complexes 

during steady-state hydrolysis.  

In an SM study with E. coli F1 [22], the presence of ε did not alter the duration time 

of active complexes (0.5–1 s), but ε-paused states had longer duration times (up to 3.5 s) 

than ADP-paused states (~1 s). This is consistent with other indications that ε inhibit ion 

predominates over ADP inhibition. Oxyanions, which are thought to activate F1 by 

promoting release of inhibitory ADP [78], activate E. coli F1 more if ε is absent [28], and 

recently it was shown that the oxyanion selenite optimally activates ε-depleted E. coli F1 

~10-fold4 with excess free Mg2+ present but only activates ε-saturated F1 2–2.5-fold [79]. 

Also, because our results show that inhibition by the εCTD is distinct from the ADP-

inhibited transition, the unaffected duration of the active state [22] suggests that a prior 

common step is rate limiting for transitions to either ADP- or ε-inhibited states. This 

common step is probably the end of hydrolysis that precedes Pi release because ε reduces 

the rate of Pi release ~15-fold following “unisite” hydrolysis [28]. Pi stabilizes F1 with ε in 

the εX state, which could mean that Pi rebinds to βD (with bound MgADP) and delays an 

active 40° rotation, allowing more time for a possible transition to the εX-inhibited state. 

However, we cannot rule out that the Pi effect could be due in part to binding to other β(s), 

which show SO4
3- bound at the “P-loop” in ε-inhibited F1 [8].  

Conclusions—This study sheds further light on how the CTD of subunit ε inhibits the 

catalytic F1 complex of a bacterial ATP synthase. Most significantly, results reveal that 

ATP hydrolysis is required for insertion of the inhibitory εCTD into F1 at the catalytic 

dwell step and that ε inhibition competes with conversion to an ADP-inhibited state of the 
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enzyme. With insertion of the εCTD starting at the catalytic dwell (~80°), the dynamic 

response of the conformation of ε to catalytic site ligands and the structurally observed ε 

angle of ~123° in ε-inhibited F1 suggest dynamic, reversible rotation over the 40° substep. 

Our results also show that the εCTD has a small energetic contribution to net binding of ε 

to F1. Thus, there is potential for antibiotic development by discovering or designing 

compounds that enhance or mimic ε inhibition of bacterial ATP synthases. The BLI assays 

established here for kinetics of F1·ε binding and dissociation should be valuable in further 

analyzing which εCTD residues and interactions are critical for ε inhibition in F1-ATPase 

from E. coli and other bacteria. Of course, the BLI assay cannot be used to study ε 

inhibition in membrane-bound ATP synthase because ε does not dissociate from intact 

FOF1. The extent of ε inhibition can vary widely for membranes isolated from different 

bacteria. For example, E. coli membranes exhibit substantial ATPase activity, whereas 

mycobacterial membranes are devoid of ATPase activity but can be activated by treatment 

that probably damages the ε subunit [80]. Thus, additional approaches will be needed to 

determine what other factors influence ε inhibition in ATP synthases of different bacterial 

species. 
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2.5 Experimental Methods 

Plasmid Constructs for Affinity-tagged E. coli ε Subunit—A plasmid described previously 

[30] (noted here as pH6ε) encodes a His6-tagged ε (H6-ε), with a tobacco etch virus protease 

cleavage site following the N-terminal His6 tag. Site-directed mutagenesis was used to 

create the following mutations in H6-ε. A pair of Cys mutations, εA101C/L121C, was 

created on pH6ε using the QuikChange Multi site-directed mutagenesis kit (Stratagene) 

with primers 5’-CATGGAAGCGA-AACGTAAGTGTGAAGAGCACATTAGGAG-3’ 

(εA101C) and 5’-GCTCAGGCGTCTGCGG-AATGCGCCAAAGCGATC-3’ (εL121C). 

H6-ε that expresses only the εNTD (H6-ε88stop; see Ref. 31) was created with the 

QuikChange-II XL kit (Stratagene) (forward primer, 5’-

CAATTCGCGGCCAGTAAGTCGACGAAGCG-3’). Plasmid pBKH2 was created to add 

a biotin acceptor peptide (Bap) before the N-terminal His6 tag on H6-ε. This BapH6-ε has 

49 residues before the native initial Met of ε, and tobacco etch virus cleavage would yield 

ε with three extra N-terminal residues (GAM). It was created with pH6ε as a template, using 

PCR to generate a 514-bp amplicon with restriction sites added before (XhoI) and after 

(BamHI) the gene for H6-ε (primers, 5’-CGACTCGAGCATGTCGTACTA-CCATCACC-

3’ and 5’-CTCGGATCCTTACATCGCTTTTTTGGTCAAC-3’). Following cleavage 

with XhoI and BamHI, this amplicon was cloned into the same sites of pDW363 [32], 

replacing the malE gene, to create pBKH2. BirA (E. coli biotin holoenzyme synthetase) is 

co-expressed from pBKH2, allowing in vivo biotinylation of the biotin acceptor peptide on 

BapH6-ε [32]. BapH6-ε expressed with ε88stop or εA101C/L121C had poor protein yields, 

so ε was also expressed as a fusion protein following an N-terminal maltose-bind ing 

protein (MBP), a cleavage site for PreScission protease (GE Healthcare), and the Bap tag. 

This MBP-Bap-ε has a 31-residue segment between MBP and the initial Met of ε, and after 
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cleavage by PreScission protease, Bap-ε would retain a 25-residue N-terminal Bap tag. The 

vector for this construct, pMal-PPase, was derived from pMALc2e (New England Biolabs), 

with a PreScission protease cleavage sequence after malE [33], and an NdeI site was 

removed by cleavage and polymerase fill- in. The sequence encoding the Bap tag was PCR-

amplified from pDW363, with flanking restriction sites before (StyI) and after (NdeI and 

BamHI) the Bap sequence (primers, 5’-

CATCCCAAGGCTGGAGGCCTGAACGATATTTTC-3’ and 5’-

CTCGGATCCCATATGGCCACCAGTGTCCTCGTG-3’). After cleavage with StyI and 

BamHI, this amplicon was inserted into StyI-BamHI sites of pMal-PPase to generate 

pMAL-PP-Bap. The atpC gene for WTε was extracted from p3U [34] as a 625-bp NdeI-

XbaI fragment and ligated into the same sites of pMAL-PP-Bap to create pBKH8, encoding 

a fusion protein of MBP-Bap-ε. Plasmids encoding MBP-Bap-ε with mutation ε88stop 

(pBKH9) or εA101C/L121C (pBKH10) were produced in the same way, but the NdeI-

XbaI inserts were 799 bp (extra sequence downstream of atpC) because those mutant atpC 

genes had been passed through an intermediate vector. 

Purification of Proteins—SDS-PAGE [35] (Bio-Rad Ready Gels, 12% or 4–15%) was 

used to analyze the purity of all protein preparations, with staining by SYPRO Orange 

(Invitrogen) and scanning on a Typhoon 9410 imager (GE Healthcare; 488-nm laser 

excitation, 526-nm SP emission filter). With gels to test for internal disulfide bonding in 

Bap-εA101C/L121C, concentrated gel sample buffer contained 0.5 mM N-ethylmaleimide 

instead of 2-mercaptoethanol (βME). Concentration of protein samples was determined by 

a modified Lowry assay [36]. E. coli FOF1 was expressed, and F1 was purified and depleted 

of subunit δ to form F1(-δ) as described [8]. F1(-δ) was depleted of subunit ε by 
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immunoaffinity chromatography [37], using three passages of 5–7 mg of F1-δ through an 

anti-ε column (3 ml). At this stage, upon dilution and passage through two sequentia l 

centrifuge columns, luciferase assays [8] showed that F1(-δε) had the following 

endogenous nucleotide content (mol/mol F1(-δε) ± S.E. from four different samples): 

noncatalytic sites, 0.89 ± 0.13 ATP and 0.83 ± 0.04 ADP; catalytic sites, 0.1 ± 0.08 ATP 

and 1.49 ± 0.17 ADP.  

Wild-type and mutant forms of H6-ε were expressed in E. coli BL21 strain “T7 

Express lysY” (New England Biolabs). H6-ε was purified by affinity chromatography 

(column with 10 ml of TALON resin; Clontech) as described [30] but with ε-buffer at pH 

7.5 (20 mM Tris-HCl, 100 mM NaCl, pH 7.5). After loading, the column was washed with 

buffer + 10 mM imidazole (10 column volumes) and buffer + 15 mM imidazole (4 column 

volumes) before elution with buffer + 100 mM imidazole (4 column volumes). Residual 

impurities were removed from H6-ε by gel filtration (HiPrep-16/60, Sephacryl S100 HR, 

GE Healthcare Life Sciences), and pure H6-ε was exchanged into ε-buffer + 10% (v/v) 

glycerol before storage at -80 °C. For some experiments, the His6 tag was removed by 

treatment with 25 units/ml AcTEVTM protease (Life Technologies) protease for 6 h. The 

sample was then loaded on the TALON column, and untagged ε was collected in the flow-

through, concentrated, and frozen in ε-buffer+ 10% glycerol. 

BapH6-ε was expressed from pBKH2 in E. coli strain BL21. Cells were grown at 

22 °C in a medium containing Luria broth, biotin (12.2 mg/liter), 4.5 M sorbitol, and 1 M 

betaine. Protein expression was induced by adding isopropyl 1-thio-β-D-galactopyranos ide 

when the A595 reached 0.5. Cells were grown for 4 h after induction until the A595 reached 

~1.0. BapH6-ε was partially purified by TALON chromatography (as forH6-ε). 
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Fractionation with ammonium sulfate was then used; BapH6-ε that precipitated between 25 

and 55% saturation was dissolved in ε-buffer + 10% glycerol. Finally, BapH6-ε was 

purified by gel filtration (Sephadex G-50 column, 44 cm x 1-cm diameter), concentrated 

by ultrafiltration (Vivaspin 6 concentrator, 5000 molecular weight cutoff), frozen in liquid 

N2, and stored at -80 °C. 

To express biotinylated MBP-Bap-ε mutants, E. coli strain DH5α was co-

transformed with pBirAcm (which expresses BirA; Avidity (Aurora, CO)) and either 

pBKH9 (MBP-Bap-ε88stop) or pBKH10 (MBP-Bap-εA101C/L121C). Each strain was 

grown overnight at 37 °C in LB with ampicillin (100 μg/ml) and chloramphenicol (25 

μg/ml). Overnight cultures were used to inoculate 2 liters of the same medium plus 0.4% 

glucose and 0.1 mM biotin. Cells were grown at 37 °C to A595 ~0.5, 0.4 mM isopropyl 1-

thio-β-D-galactopyranoside was added to induce expression of MBPBap-ε and BirA, and 

growth continued for ~3.5 h at 37 °C. Cells were harvested by centrifugation and washed 

once with column buffer (20 mM Tris-HCl, pH 7.5, 200 mM NaCl, 1 mM EDTA). Cells 

were lysed by sonication and centrifuged at 11,290 x g for 30 min, and the supernatant was 

passed through a 0.45-μm filter. This sample was mixed with 5 ml of amylose-agarose 

resin (New England Biolabs; pre-equilibrated with column buffer) and incubated at 4 °C, 

with rocking, for 2 h. The amylose resin was then sedimented (1000 x g, 3 min), the 

supernatant was discarded, and the resin was washed five times by centrifugation with 40 

ml of column buffer + 5mM βME. For the εA101C/L121C mutant, 5mM βME was present 

throughout purification. The resin was incubated with 0.1 mg of PreScission Protease (4 

°C, 3 h, in 15 ml of column buffer + 5mM βME) to release Bap-ε, which was collected in 

the supernatant and in a subsequent wash of the resin with 10 ml of column buffer + 5 mM 
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βME. Ultrafiltration (Vivaspin-20, 5000 molecular weight cut-off) was used to concentrate 

the Bap-ε from 25 to 1 ml and exchange it into ε buffer + 10% glycerol, including 1 mM 

βME for Bap-εA101C/L121C. Concentrated Bap-ε was frozen in liquid N2 and stored at -

80 °C. For some experiments, His6- or Bap-tagged εA101C/L121C was treated with 5,5’-

dithiobis(2-nitrobenzoate) (DTNB) to induce disulfide bonding between closely 

approaching cysteines [38]. The sample was first passed through a Biogel P6 centrifuge 

column [39] (pre-equilibrated with 20 mM MOPS-Tris, 50 mM KCl, pH 8 (MTK8)) to 

remove βME. Tagged εA101C/L121C (~30 μM) was then incubated with 50 μM DTNB 

for 15 min or less at room temperature and passed through a second centrifuge column to 

remove excess DTNB. 

ATPase Assays—A coupled enzyme assay [40] was used for continuous monitoring of 

ATP hydrolysis, and assays were done at 30 °C. Decrease in NADH concentration was 

monitored at 340 nm in a Hewlett-Packard 8453 spectrophotometer. The standard assay 

buffer was MTK8 supplemented with 1 mM phosphoenolpyruvate and 0.3 mM NADH. 

MgATP substrate was added from stock solutions of Mg acetate and Na2ATP; 

concentrations and ratios of Mg2+/ATP are noted for specific experiments. Pyruvate kinase 

(rabbit muscle, Roche Applied Science catalog number 109045) and lactate dehydrogenase 

(Porcine heart, Calbiochem catalog number 427211) were each present at 0.1 mg/ml in 

assays with excess Mg2+ versus ATP; for assays with excess ATP versus Mg2+, pyruvate 

kinase was 0.2 mg/ml. In some assays, hydrolysis of GTP was measured rather than ATP. 

For assays measuring inhibition by ε, BSA (fatty-acid free) was added at 0.5 mg/ml, EDTA 

was added to 0.1 mM, and F1(-δε), ε, and ATP were added to final concentrations and 

preincubated at 30 °C for 10 min; the assay was initiated by adding magnesium acetate 
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from a concentrated stock and mixing. Hydrolysis rates were measured at steady state, 

typically 12–15 min after adding Mg2+. For each data set varying ε concentration, a fixed 

concentration of F1(-δε) was used (FT = 0.6 or 1.2 nM), and hydrolysis rates were fit by 

nonlinear regression (Prism, GraphPad, Inc.) to the following equation, 

   (Eq. 1) 

 

where A0 is the rate measured for F1(-δε) alone, Ai is the rate measured at each ε 

concentration, εi, Ae is the rate fitted for ε-saturated F1(-δε), and KI is the apparent 

dissociation constant fitted for F1·ε binding. For assays of inhibition by azide, magnes ium 

acetate, ATP, sodium azide, and ε (if any) were added first, and the assay was initiated by 

adding F1(-δε) from a concentrated stock; steady-state rates were measured as above. 

Kinetic Assays of Binding and Dissociation between F1(-δε) and Biotinylated ε, Using 

Biolayer Interferometry (BLI)—An Octet-RED system and streptavidin-coated sensors 

(Forte´Bio, SA biosensors, catalog number 18-5019) were used to monitor BLI kinetics of 

protein-protein binding and dissociation, analogous to surface plasmon resonance 

techniques [41]. MTK8 buffer included 0.5 mg/ml BSA to minimize nonspecific binding 

of proteins to the sensors and as carrier protein for nanomolar dilutions of F1(-δε) or ε. All 

steps were done at 30 °C, with each sensor stirred in 0.2 ml of sample at 1000 rpm and a 

standard measurement rate of 5 s-1. Wild-type or mutant forms of biotinylated ε (BapH6-ε, 

or Bap-ε after cleavage from MBP-Bap-ε) were immobilized on SA biosensors. Levels of 

in vivo biotinylation varied between ε samples, so preliminary BLI titrations were done for 

each biotinylated ε to determine the Bap-ε concentration and loading time needed for 



Ai  A0  A0  Ae 
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optimal BLI kinetic responses in subsequent binding of F1(-δε) to the ε-loaded sensors. 

Minimal loading of ε was found to be favorable for kinetic responses to F1(-δε) binding, so 

most subsequent experiments loaded biotinylated ε to yield 0.2–0.4 nm of BLI signal per 

sensor. Use of reference sensors with immobilized biotinylated ε but without added F1(-δε) 

confirmed that added ligands (nucleotides, Mg2+, EDTA, and azide) did not alter the BLI 

signal for immobilized ε. To correct for BLI baseline drift and minimal nonspecific binding 

of F1(-δε) to sensors, all BLI experiments included one or more reference sensors in parallel 

for which biotinylated ε was omitted from the ε-loading step, but F1(-δε) was included in 

the association step, usually at the highest concentration of F1(-δε) used for each 

experiment. Forte´Bio’s analysis software (version 6.4) was used for reference subtraction, 

Savitsky-Golay filtering, and global fitting of kinetic rates for F1·ε binding and 

dissociation.  
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We tested membranes expressing FOF1 with εA101C/L121C and showed that removing 
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not include reductant for the nonoxidized sample of FOF1 + εA101C/L121C and that the 

disulfide formed quickly and spontaneously, as we have observed (Fig. 3). Thus, they 

would not have observed activation of ATPase by oxidation of εA101C–L121C if the 

disulfide had also formed in the non-oxidized sample. 

4Y. M. Milgrom, personal communication.  
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2.8 Supplementary Data 

Figures and Tables 

Figure S2.1 
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Figure S2.1. Example of raw BLI data showing immobilization of biotinylated ε on 

sensors and subsequent binding and dissociation of F1 (-δε). Screen-capture image from 

a typical BLI experiment on the Octet-RED. A set of 8 streptavidin-coated sensors were 

pre-wet with buffer (MTK8 + 0.5 mg BSA/ml) in wells of a 96-well micro titer plate. All 

steps used 0.2 ml sample per well. Each vertical red line denotes the start of a distinct step 

in which the sensors were shifted to the next row of wells. Steps 1, 3 and 4 = baseline 

(buffer only); step 2 = 50 nM Bap-ε used to load the sensors; step 5 = F1/ε association, with 

varied concentrations of F1(-δε) (listed by right axis); step 6 = F1/ε dissociation (buffer 

only). After F1/ε association (step 5), step 6 returned sensors to the row of buffer wells used 

in step 4, which aided in signal corrections for optical variations between wells.  
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Table S2.1 

  PDB code # -core residues RMSD (C , Å) Rotary Angle (deg) 

1H8E 99 0.81 80.0 

1E79 99 0.65 85.9 

2XND 99 0.78 88.3 

2JDI 99 [ref] 92.1 

1W0J 99 0.62 93.0 

2CK3 99 0.36 93.0 

1E1Q 68 0.68 93.7 

1H8H 68 0.65 94.2 

1COW 68 0.65 94.2 

1BMF 68 0.62 94.3 

1E1R 68 0.62 94.5 

2JIZ 99 0.61 95.0 

1W0K 68 0.73 95.2 

2JJ1 90 0.57 95.2 

1EFR 68 0.62 96.6 

2JJ2 99 0.63 96.6 

1NBM 68 0.64 99.1 

3OEH-2 99 0.92 100.5 

3OEE-2 99 0.96 102.0 

2HLD-2 99 0.99 102.2 

3OE7-2 99 0.91 103.1 

2WSS 96 0.84 104.0 

2V7Q 99 0.74 106.8 

3FKS 99 1.10 107.5 

3OEH-1 99 0.90 108.7 

3OFN-1 99 0.96 108.8 

2HLD-1 99 0.97 109.2 

3OE7-1 99 0.89 109.7 

3OFN-2 99 0.97 111.2 

2XOK 99 0.96 111.6 

3OEE-1 99 0.88 111.9 

2WPD 95/99 0.97/1.04 113.0/112.6 

3OAA 99 1.11 123.3 

4ASU 95/99 0.83/0.96 123.7/123.0 
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Table S2.1: Rotational position of γ within F1 or F1/c-ring crystal structures. The 8 

PDB codes in bold were part of the original γ structural alignment used to identify the 99 

conserved γ-core residues (Cingolani & Duncan, 2011, Nat. Struc. Mol. Biol. 18, 701-707). 

For all other F1 structures, the γ-core residues were superimposed (Cα atoms) to the 

corresponding residues in the 2JDI ‘ground state’ structure of mitochondrial F1, and 

column 2 lists the number of γ residues superimposed. Note that 8 structures have only 68 

residues superimposed and 2 other structures have only 90 or 96, since other γ-core residues 

were not resolved. Even the structures with only 68 aligned γ-core residues had 1 aligned 

segment (9-10 residues) that was not in the coiled-coil domain. For 2WPD and 4ASU, it 

was noted that the first 4 γ-core residues, near the start of the N-terminal helix, showed 

poor superimposition to the reference; both were analyzed ± those 4 residues as shown, but 

the change in rotary angle was minimal. Relative to the surrounding α3β3 complex, the 

rotary position of γ is thought to be closest to the catalytic dwell for structure 1H8E, so its 

rotary angle was designated as 80°. For other structures, the rotary angle relative to 1H8E 

was measured by rotating the structure from its γ-core alignment with 2JDI to the best 

alignment of one of its β subunits with the equivalent chain in 1H8E (using Chimera’s 

MatchMaker). This was done for each of the 3 equivalent β chains superimposed to the 

same chain of 1H8E (i.e., chain D to D, E to E, or F to F), and the rotary angle reported is 

the mean value; all mean angles have standard deviations <2°. The optimal superimposit ion 

of many βs spanned the whole β sequence, but always included most residues of the N-

terminal domain and the upper region of the nucleotide-binding domain. For all 

mitochondrial structures, a minimum of 57% β sequence superimposed (Cα), with RMSD 

typically <0.6 Å. For E. coli F1 (3OAA), optimal superimposition of each β with the 
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equivalent chain of 1H8E included the following %residues (RMSD): chain D = 44% (1.0 

Å); E = 57% (0.9 Å); F = 83% (0.9 Å). The three measurements agreed well, as the mean 

angle measured for 3OAA had a standard deviation of ±1.1°. 
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3.1 Abstract 

The F-type ATP synthase is a rotary nanomotor involved in cellular energy metabolism in 

eukaryotes and eubacteria.  In most bacteria, the ATP synthase can be auto-inhibited by 

the C-terminal domain of its  subunit (CTD), but the importance of ε inhibition in vivo 

is unclear. Functional rotation is blocked by insertion of the latter half of the εCTD into the 

enzyme’s central cavity.  The εCTD’s final segment is deeply buried but has few specific 

interactions with other subunits in the Escherichia coli enzyme, and is variable or absent 

in other bacteria that exhibit strong -inhibition in vitro. Here, respiratory growth was 

reduced ~60% by genetically deleting the last 5 residues of the εCTD (εΔ5) but only by 

~20% in the complete absence of the CTD. With isolated membranes, neither 5 nor 

88stop truncations led to a significant proton leak through FO. However, ATP synthase 

lacking the CTD was highly active in hydrolysis and synthesis of ATP, but the Δ5 

truncation differentially increased ε’s inhibition of ATP synthesis nearly 3-fold vs 

hydrolysis. Further, the Δ5 truncation had little effect on ε’s affinity for the isolated 

catalytic F1 complex, but reduced ε’s maximal inhibition of F1-ATPase from >90% to 

~20%. The results suggest that the εCTD may have distinct regulatory interactions with F1 

when rotary catalysis operates in opposite directions for hydrolysis vs synthesis of ATP. 
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3.2 Introduction 

The F-type ATP synthase is critical for efficient energy metabolism in eukaryotes and 

eubacteria. It is a self-contained rotary motor enzyme that is composed of a membrane–

embedded FO complex (ab2c8-15) and an external F1 complex (α3β3γδε) [1, 2]. The structural 

assembly of subunits in F1 includes a hexamer of alternating α and β subunits that surround 

the central rotor stalk region of the asymmetric γ subunit. The ε subunit is near the foot of 

γ with its N-terminal domain in contact with both the γ subunit and the c-ring. A peripheral 

stator stalk between F1 and FO is formed by F1 subunit δ along with the b2 dimer of FO. In 

addition to subunit a and dimer b2, the FO domain contains a ring of c subunits that rotates 

in tandem with the γε stalk. For ATP synthesis, Proton Motive Force generated by the 

electron transport chain drives the rotation of the c-ring which is coupled with the rotation 

of γ within F1. Rotation of the asymmetric γ subunit helps drive conformational changes in 

α and β subunits that are crucial for cooperative, alternating catalysis at the three catalytic 

nucleotide binding sites located mainly on the β subunits. In vitro, F1 can dissociate from 

FO as a soluble, rotary ATPase. 

ATP synthases can also rotate in the reverse direction by hydrolyzing ATP to generate 

PMF under certain conditions. In mitochondria, this ATPase–driven proton pumping can 

be blocked by a mitochondria-specific inhibitor protein called IF1 [3, 4]. In contrast, most 

bacterial ATP synthases can be auto-inhibited by the C-terminal domain (CTD) of the ε 

subunit [2, 5]. The CTD of ε can transition between at least two observed states: a compact 

conformation (εC) that allows coupled functions [6] and an extended conformation (εX) that 

inhibits synthesis and hydrolysis of ATP [7, 8]. In the εC state, the two α-helices of the 

εCTD form a hairpin coiled-coil that packs against the NTD, as observed with isolated  



149 
 

from 2 species [9, 10] and in 1 bacterial F1 structure [11]. In mitochondrial F1 structures, 

the ε homolog is locked in the εC conformation by a unique mitochondrial subunit [12]. 

Thus far, the εX state has only been observed in the crystal structure of E. coli F1 [13], in 

which the latter half of the εCTD inserts into the central cavity of F1 and has extensive 

contacts with other subunits. The second α-helix of the εX state (112-125) contacts five 

other subunits, with apparent H-bonds and/or salt bridges to 1, 2, 1 and  subunits. The 

terminal segment of εCTD (ε126-138) was called the εhook in the εX state, as it bends 

around γ and contacts the CTD of another catalytic subunit, 3. The -hook buries 

extensive surface area within F1 but has minimal specific interactions, with perhaps one H-

bond (εI131 amide to 3-D372 sidechain). The final C-terminal segment of  varies 

significantly in sequence and length between diverse bacterial species [5]. High-resolut ion 

structures have been determined for bacterial ε from two other species, Bacillus PS3 [10] 

and Caldalkalibacillus thermarum TA2.A1 [11]; both superimpose well with the C 

conformation of E. coli ε, but are shorter at the C-terminus by 4 and 3 residues, 

respectively. Despite this, activity of each ATP synthase can be strongly inhibited by the 

shorter εCTD [7, 14, 15]. Thus, we postulated that the final segment of the ε-hook might 

be dispensable or even destabilizing for inhibition by the CTD. Inhibition by ε is not 

essential for respiratory growth of E. coli, as significant growth on a non-fermentab le 

carbon source can be achieved with the entire εCTD genetically truncated [16, 17]. 

Interestingly, however, an early mutagenic study with E. coli found that combined deletion 

of 4 C-terminal and 15 N-terminal residues disrupted oxidative phosphorylation, but the 

N- and C-terminal truncations were not tested separately [18] . In this study, we genetica lly 

deleted just the final five amino acids of εCTD (ε134-138) to generate an E. coli εΔ5 
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mutant. Growth on a non-fermentable carbon source was reduced ~60% by εΔ5, whereas 

complete deletion of the εCTD (ε88stop) reduced growth by ~20%. With isolated 

membranes, εΔ5 reduced the ATP synthesis rate by >2.7-fold, but did not alter ε’s 

inhibition of ATPase activity. Since a new class of effective antibacterial agents have been 

found to target the ATP synthase [19], our results show that regulation by the εCTD 

provides a bacteria-specific target for future development of antibacterials against the ATP 

synthase.  
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3.3 Experimental Methods 

 Plasmids and mutagenesis. 

Plasmid p3DC [20], which encodes subunits β and ε, was used as template to truncate the 

terminal five amino acids of εCTD via site-directed mutagenesis [21]. Primer 5’-

CAGCTGCGCGTTATCGAG-TTGTAATAAAAAGCGATGTAACACCGGC-3’ 

(mutations underlined) was used to replace codons for T134/K135 with two ochre stop 

codons (bold). DNA sequencing (Upstate Medical University’s core facility) was used to 

confirm that only the desired mutations were created. DNA encoding  with the stop codons 

(5) was extracted in a NdeI-XbaI restriction fragment and used to replace the 

corresponding fragment of pAU1 [20] to obtain pAU1ε5. The NdeI-XbaI fragment was 

also used to move εΔ5 into pBKH8 [22], creating pBKH8ε5. The ε88stop truncation was 

also moved in a NdeI-XbaI fragment from pBKH9 [22] into pAU1. Mutation M209L was 

originally a gift from A.E. Senior [23] and was transferred to pAU1 in a SacI-EagI 

fragment.   

 Phenotypic assay for respiratory growth. 

FOF1, either WT or with the mutants noted (Fig. 3.1, Table 3.1), was expressed from the 

atp operon on low-copy plasmid pAU1. For most phenotypic growth tests, pAU1 

constructs were transformed into strain LE392Δ(atpI-C) [24]. Individual bacterial colonies 

were inoculated into 10 ml Luria Bertani broth (LB; Lennox type, Sigma Aldrich) + 

ampicillin (0.1 mg/ml), and grown overnight at 37oC, with shaking at 200 rpm in a 125 ml 

Erlenmeyer flask. Cells were then diluted into 10 ml of fresh LB + ampicillin to obtain an 

optical density (OD, 600 nm) of 0.1. When growth reached OD ~0.8, cells were diluted 

100-fold into defined minimal salts medium [25] including 1 mM MgSO4, 0.1% v/v trace 
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elements [25], 0.06% cas-amino acids (BD Difco), 6 µM thiamine, 0.1 mg/ml ampicill in, 

50 µg/ml methionine, and 30 mM succinate as the non-fermentable carbon source. Growth 

at 37C was measured with 0.4 ml of culture per well in a 48-well transparent microtiter 

plate with lid (Nunc), with triplicate samples for each distinct pAU1 construct. Growth was 

monitored every 15 min by optical density (600 nm), using a plate reader (Biotek Synergy 

HT or TECAN Infinite F200). Plates were shaken at 88.6 rpm (TECAN) or at “slow” 

setting (Biotek) for 20 to 30 hours. Some assays were repeated with the same plasmids in 

a distinct atp-deletion strain, DK8 [26], so the defined growth medium included 0.3 mM 

isoleucine and valine and omitted methionine. The DK8 strain showed less stringent 

differences in growth between WT and negative controls in initial tests. For more 

consistent performance, defined medium for DK8 had reduced cas-amino acids (0.03%) 

and succinate (6 mM). Also, to reduce carry-over of LB, DK8 cells from overnight cultures 

were sedimented and resuspended with defined medium before final dilution into defined 

medium for the assay. 

Isolation of inverted membrane vesicles. Strain LE392Δ(atpI-C) containing 

pAU1 (WT or ε mutants) was inoculated from individual colonies into 10 ml LB + 

ampicillin (0.1 mg/ml) and grown overnight in a 125 ml Erlenmeyer flask at 37C with 

shaking (200 rpm). Cells were then diluted into 2 L of defined minimal salts medium [25] 

to obtain a starting OD600 of ~0.05. Additions were as noted earlier except that, rather than 

succinate, 30 mM Glucose and 1% Glycerol were the carbon sources. The cells were grown 

at 37oC with constant aeration and were harvested during logarithmic growth phase. 

Inverted membrane vesicles (IMV) were prepared as described before [27]. 
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Expression and purification of proteins 

WT-FOF1 was expressed, purified, and depleted of subunits  and ε as before [22, 28]. For 

expression of biotinylated ε as an MBP-Bap- fusion protein, pBKH8 (WT or 5) was 

transformed into strain DH5α [29]. Biotinylated ε (Bap-ε WT or Bap-ε∆5) was purified as 

before [22]. Concentrations and purity of proteins were determined by a modified Lowry 

assay [30] and SDS-PAGE [31]. 

 Detection of FOF1 content in membrane vesicles by immunoblotting 

  IMVs and known amounts of purified F1 were subjected to SDS-PAGE [31] on pre-cast 

4-20% gradient polyacrylamide gels (Bio-Rad), at 200 V for 33 minutes. Proteins on the 

gel were then transferred to a polyvinylidene difluoride membrane (Invitrogen) in a Bio-

Rad Mini Trans-Blot cell at 200 mA for 1 hour using 1X electrophoresis buffer + 10% 

(v/v) methanol. The blotted membrane surface was blocked with TBST (TBS, 10 mM Tris -

Cl, 150 mM NaCl, pH 8, 0.05% Tween-20) + 5% (w/v) non-fat dried milk, and then washed 

3 x 5 minutes with TBST + 0.3 M NaCl. The membrane was then incubated for one hour 

with the primary rabbit anti-β antibody (1:200) in TBST + 10 mg/ml bovine serum 

albumin; this anti-  antibody (Agrisera, # AS05-85) was previously tested for this purpose 

with E. coli membranes [32]. Membrane washes with TBST + 0.3 M NaCl were repeated, 

followed by one hour incubation with a fluorescent goat anti-rabbit secondary antibody 

(1:1000) (Thermo Scientific, #35553).  The blot was air dried and fluorescence was 

detected on a Typhoon 9410 imager (GE Healthcare Life Sciences) with a 532 nm laser 

and 526 nm short-pass filter. Signals for   from known amounts of F1 provided a linear 

response range that was used to quantify the amount of   in different membrane samples.   
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ATP hydrolysis  

ATP hydrolysis rates were measured with a coupled enzymes assay [33] as described [22]. 

Reactions were done at 30oC. Assays with IMVs contained 5 mM KCN to inhibit NADH 

consumption by the electron transport chain. 

ATP synthesis 

Assays of ATP synthesis by IMVs were modified from [34]. The IMVs were diluted to 

0.105 mg/ml final in 1910 μl of synthesis reaction buffer (50 mM MOPS-Tris, pH 7.5 + 10 

mM MgOAc) in a 1x1 cm cuvette. Aeration was achieved throughout the assay by stirring 

with a round magnetic stirrer with cross-cut channels. Reactions were done at ambient 

temperature (~22C). Membranes were allowed to equilibrate for two minutes after 

dilution into the cuvette. NADH (50 μl of 0.1 M stock) was added to 2.5 mM final and, 

after one minute to allow PMF formation, ATP synthesis was started by adding 40 μl of 

ADP/Pi mixture to obtain 1 mM ADP and 3 mM Pi final (Total assay volume, 2.0 ml). 

Over four minutes, 100 µl of reaction was withdrawn at one minute intervals, added to 400 

µl of ice-cold stop solution (1% TCA, 2 mM EDTA) with vortexing, and the quenched 

samples kept on ice. For each quenched sample in duplicate, 10 µl was added to 390 µl of 

ice-cold luciferase assay buffer (0.1 M Tris-acetate, 2 mM EDTA, pH7.5). Samples of ATP 

standards were treated with stop solution and diluted as above to provide a linear response 

over 0.25 pmol to 12 pmol in the final measurement. Samples could be frozen at this point, 

if needed. For each neutralized sample, 100 μl was transferred to a well of a white, opaque 

96-well microtiter plate (Nunc F96 Microwell plates, Thermo Scientific #136101), which 

was then equilibrated to ambient temperature. The plate was placed in a Synergy HT 

microplate reader (Biotek) equipped with autoinjector. For each sequential sample well, 50 
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μl of luciferase reagent (ATP Bioluminescence Assay kit CLS II, Roche Diagnostics) was 

injected and luminescence was measured for 10 s (top path; integration, 1 s; gain, 135). All 

membranes assayed showed linear rates of ATP synthesis over the assay period (not 

shown). 

Proton pumping assay 

Proton pumping activity of IMV was measured by monitoring fluorescence quenching of 

9-amino-6-chloro-2-methoxyacridine (ACMA; 1 μM), which reflects pH [35]. Assays 

were done at 30oC on a Fluoromax-4 or Fluorolog-3 (Horiba Scientific) with the following 

settings: excitation/emission wavelengths (nm) of 430/560; excitation/emission slits of 5/4 

nm; gratings set at 1200; integration time of 0.5 s; and interval time of 7.5 s.  

BioLayer Interferometry (BLI) assay 

BioLayer Interferometry was used to study the interactions between isolated F1(-δε) and 

biotinylated ε variants. Experiments were done in an Octet RED system (Pall ForteBio) as 

described [22, 36]. 
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3.4 Results 

Effects of CTD truncations on aerobic growth 

To observe whether ε-CTD truncations affect in vivo function of the ATP synthase, bacteria 

expressing wild-type (WT) or mutant forms of FOF1 were grown with a nonfermentab le 

carbon source, succinate, so growth required oxidative phosphorylation [37]. As a negative 

control, mutation βM209L was used, which allows assembly of normal levels of ATP 

synthase on the membrane but renders it essentially inactive [23, 38]. As shown in Fig. 3.1 

and Table 3.1, growth on succinate was negligible for cells expressing FOF1 with M209L; 

similar negligible growth also occurred with cells expressing no FOF1 (LE392(atpI-C) + 

vector pACYC177, not shown). Deletion of the entire εCTD (ε88stop) reduced respiratory 

growth yield only ~20% with little effect on growth rate. This is consistent with another 

group’s study in which ε88stop allowed respiratory growth on acetate and caused a 

minimal decrease in growth yield on limiting glucose [16]. In contrast, deleting only 5 C-

terminal amino acids from ε (ε∆5) reduced growth yield and growth rate (Table 3.1) by 

~60%. The assay was repeated with the same plasmids expressed in a distinct atp-operon 

host strain, DK8, and similar results were obtained (not shown). The DK8 strains were able 

to utilize succinate better than LE392∆ and show higher growth probably with the help of 

C4-dicarboxylate transporter [39]. To obtain more stringent conditions, succinate was 

reduced to a limiting concentration (see method). The greater phenotypic defect of 5 is 

not simply due to mis-assembly of FOF1 since 5 membranes  showed higher FOF1 content  

than for ε88stop (Table 3.1). Thus, the entire εCTD can be removed with minimal effects, 

but the small ε5 truncation  
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Figure 3.1 
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Figure 3.1. Phenotypic assay for growth of E. coli by respiration. LE392(atpI-C) cells 

expressing FOF1 from pAU1were grown on defined medium with succinate as the sole 

carbon source. Mutations present are noted for each culture. 
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Table 3.1 

Strain Growth Yield, % WT 

±SEMa 

Growth Rate, OD600/Hr 

±SEM 

Relative FOF1 

contente 

WT 100% ±9 (5)b 0.2 ± 0.01 (5) 1 

stop 78% ±13 (4) 0.14 ± 0.03 (4) 0.23 

 38% ±4 (6) 0.08 ± 0.01 (6) 0.54 

L 4% ± 2 (3) NSc NDd 
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Table 3.1. Effect of εCTD truncations on aerobic growth on succinate. Growth yield is 

the maximal OD at 600nm and is normalized. aSEM = standard error of mean. bnumber of 

independent assays. cNot significant. dNot determined. eAmounts of FOF1 in membrane 

were quantified by anti-β antibody; values were normalized with respect to WT. 
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appears to perturb the εCTD’s regulatory interactions in a way that significantly degrades 

the capacity for in vivo oxidative phosphorylation.  

Effects of CTD truncations on in vitro functions of membrane-bound ATP synthase 

To further examine why ε∆5 is more deleterious than 88stop in vivo, IMVs were isolated 

and tested for effects of εCTD truncations on activities of FOF1 in vitro. ATP hydrolysis by 

IMVs was measured with excess uncoupler FCCP present in all conditions, to ensure that 

FOF1 activity was not inhibited by ‘backpressure’ from PMF. Nearly all ATPase activity of 

WT and mutant membranes was due to FOF1 since sodium azide, a catalytic site inhibitor, 

reduced ATPase by at least 98% (not shown). In direct comparison, 5 and 88stop 

membranes showed 63% and 60% ATPase activity vs WT (Table 3.2). However, when 

results were normalized for the FOF1 content in membranes, intrinsic ATPase activity was 

2.6-fold higher in the complete absence of the CTD (88stop). This is consistent with prior 

demonstrations that WT membrane ATPase activity doubled when  inhibition was 

disrupted by (i) trypsin cleavage of the CTD [40] or (ii) by trapping  in the compact C 

state by a disulfide crosslink between CTD/NTD [41]. In contrast, the 5 truncation did 

not significantly alter the intrinsic ATPase activity of FOF1 in membranes. This is also 

supported by the effects of LDAO, a detergent that is known to activate ATPase of E. coli 

FOF1 & F1 mostly by disrupting  inhibition [42, 43]: LDAO activated ATPase activity to 

the same extent for WT and ε∆5 membranes (Table 3.1). These results suggest that the loss 

of ’s 5 C-terminal residues does not significantly alter the inherent energetic balance 

between active and -inhibited forms of FOF1 in membranes. 

As suggested previously for ε88stop [16], it is possible that partial functional uncoupling 

of F1 from FO contributes to the in vivo phenotypic defect of 5. One result of this could  



162 
 

Table 3.2 

Membranes ATPaseb 

±SEM 

Relative 

ATPasec 

 

DCCD 

Inhibition 

of 

ATPased  

±SEM 

LDAO 

stimulation 

of ATPasee 

±SEM 

ATP 

synthesisf 

±SEM 

Maximal 

NADH-

driven 

pumpingg 

±SEM 

WT 5.2 0.3 

(7)a 

1.0 77% 4 

(5) 

1.9 0.3 (7) 105 7 (8) 70%±2.5 

(8) 

5 3.3 0.3 

(9) 

1.1 68% 4 

(2) 

2.1 0.1 (9) 38 2 (5) 77%±3.7 

(3) 

88stop 3.1 0.6 

(3) 

2.6 81% 5 

(3) 

1.4 0.04 

(3) 

100 8 (4) 59%±1.5 h 

(5) 
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Table 3.2. Effects of truncation on the in vitro activities of membranes. anumber of 

independent assays. bmol/min/mg membrane protein, MeanSEM (see Methods). cvalues 

normalized to relative levels of catalytic   subunit in membranes. d%Inhibition after 

preincubation of membranes with DCCD, MeanSEM (see Methods). eRatio of activity 

+/– LDAO in assay, MeanSEM (see Methods). fnmol ATP/min/mg membrane protein, 

MeanSEM. Parenthetic values are number of independent experiments for each assay. g% 

fluorescence quenching, MeanSEM. hdifference between 88stop and other results is 

significant. Student t-test vs WT and 5 gave P-values ≤ 0.0255. 
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be that some ATPase activity is not thermodynamically linked to PMF; under respiratory 

conditions that would drive net ATP synthesis through well-coupled FOF1, unregulated 

ATP hydrolysis would create a futile cycle that reduces the efficiency of cellular ener gy 

conversion. To test for this, ATPase activity was measured after treating membranes with 

dicyclohexylcarbodiimide (DCCD), a covalent modifier of the c-ring that blocks proton 

transport through FO. For well coupled FOF1 complexes, blocking proton transport also 

inhibits ATPase activity [44]. As shown in Table 3.2, the ε88stop truncation did not 

significantly alter the sensitivity of membrane ATPase to DCCD, although the origina l 

study by Cipriano and Dunn [16] showed slightly reduced DCCD inhibition for ε88stop 

membranes. The ε5 truncation did result in a small but significant decrease in inhibit ion 

by DCCD (Table 3.2). Further tests would be needed to determine if this ~10% greater 

fraction of uncoupled ATPase is sufficient to contribute to the reduced aerobic growth 

caused by ε5. 

Membranes were also tested for possible effects of εCTD truncations on ATP synthesis 

activity. As shown in Table 3.2, ε∆5 membranes showed a >2.7-fold lower capacity for 

ATP synthesis. This was not due to reduced PMF, as NADH-driven respiration generated 

similar ΔpH gradients for WT and εΔ5 membranes (Fig. 3.2, Table 3.2). The lower ATP 

synthesis rate is also not due to the ~50% lower FOF1 content in ε∆5 membranes since both 

ε88stop & WT-haploid membranes (not shown) had even lower FOF1 content (Table 3.1) 

but had ATP synthesis rates similar to that of WT pAU1 membranes (Table 3.2). This is 

consistent with prior studies showing that FOF1 content of haploid membranes exceeds that 

necessary for ATP synthesis rates in vivo [45] and in vitro [46]. In fact, since ε∆5 

membranes had more FOF1 than ε88stop or WT haploid membranes, their 2.7-fold lower  



165 
 

Figure 3.2 
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Figure 3.2. Respiratory generation of Proton Motive Force by membranes. Proton 

pumping was measured by quenching of fluorescence of the dye ACMA (see methods). 

Respiration was initiated by addition of NADH to 0.5 mM. Dotted lines represent proton 

pumping by untreated ε88stop (blue), εΔ5 (red) and WT (black) membranes. Solid lines 

represent proton pumping by the same membranes after treatment with DCCD to block 

possible proton transport through FO.  
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synthesis rate probably reflects an even greater intrinsic inhibition of ATP synthesis by the 

ε∆5 subunit. Control assays were also included to test whether reduced ATP synthesis by 

εΔ5 membranes was due in part to any uncoupled ATPase activity. The ATP synthesis 

rates of ε∆5 or WT membranes were not significantly altered by the presence of AMPPNP, 

which inhibits ATPase but not ATP synthesis [47, 48] (not shown).  Together, these results 

indicate that the 5 truncation has a direct effect in increasing ε’s inhibition of ATP 

synthesis by FOF1. However, this does not rule out a possible contribution of uncoupled 

ATPase to the ε5 growth defect on succinate (as suggested by the reduced inhibition of  

ε5 membrane ATPase by DCCD); ADP is in large excess over ATP produced in the in 

vitro synthesis assay, but in vivo respiration typically drives high ATP/ADP ratios, at which 

uncoupled ATPase could be more significant.  

Another test for possible coupling defects between F1 and FO is to monitor the kinetics of 

H+-pumping by isolated, everted membranes. Altered coupling between F1 and FO might 

allow uncontrolled, passive flux of protons, which would decrease the capacity to generate 

PMF by respiration or by ATPase-driven proton pumping. This was tested by comparing 

WT and mutant membranes for NADH-driven proton pumping. As shown in Table 3.2 and 

Fig. 3.2, with NADH-driven respiration, εΔ5 membranes generated similar or better PMF 

than did WT, but ε88stop membranes generated partially reduced PMF. To test for FO-

specific proton leaks, membranes were treated with DCCD before addition of NADH. 

DCCD caused a shift (50-60 s for WT and εΔ5; 15 s for ε88stop) in the amount of time the 

membranes were able to maintain PMF. Both WT pAU1 and 5 membranes showed 

similar shifts with DCCD treatment (Fig. 3.2). The ε88stop membranes showed a smaller 

time shift than both WT pAU1 and εΔ5 membranes. These results show that the CTD 
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truncations do not cause any increased leak through FO. In the case of ε88stop, the 

membrane capacity to drive gradient was reduced (Table 3.2, Fig. 3.2) but it was not due 

to increased leak through FO. Although the PMF was lower, the synthesis rates by ε88stop 

membranes were as high as for WT (Table 3.2). Overall, our proton pumping results show 

that the truncations have not adversely affected the membrane coupling and the low growth 

of the mutants is not due to the inability to generate PMF. Next, the effects of the 

truncations were tested when PMF was generated by ATP hydrolysis via F1. Here εΔ5 

showed similar ATPase-driven proton pumping. Only ε88stop membranes generated lower 

PMF than WT membranes. Cipriano and Dunn observed markedly slower PMF generation 

by ε88stop membranes. We saw a similar effect in our studies; however, it may be due to 

lower total expression of FOF1 is lower (Table 3.1). 

  



169 
 

Effects of 5 truncation on interactions of CTD with isolated F1 

Previously, we used Biolayer Interferometry (BLI) kinetic assays of protein-protein 

interactions to show that the NTD is responsible for initial binding and for most of the 

binding energy between F1 and ε, whereas the conformation of the εCTD controls ε 

dissociation from F1[22]. Dissociation of ε probably does not occur at all when it adopts 

the extended conformation (εX) in which part of the εCTD is buried within the central 

cavity of F1 [22, 28]. Ligands influence the overall dissociation rate of εCTD by stabilizing 

the εX state that leads to slow dissociation (MgADP/Pi) or by preventing ε from entering 

the εX state, leading to fast dissociation (ATP/EDTA). Here, BLI was used to determine 

whether the εΔ5 truncation changes the kinetics or energetics of interactions of εCTD with 

F1. With F1 bound to immobilized εΔ5 in buffer alone, >90% of F1/5 complexes 

dissociated very slowly in buffer only (not shown, kd ~5x10-5 s-1), which is similar to the 

behavior of F1/WT-ε [22]. This shows that εΔ5 is still strongly biased towards tight binding, 

but any difference in dissociation rates between εΔ5 and WT-ε is not discernible by BLI at 

these slow rates. When the dissociation step included ATP/EDTA to mimic pre-hydrolys is 

condition, faster, essentially monophasic dissociation of both F1/WT- and F1/5 (~94%) 

occurred with no noticeable lag (Fig. 3.3). However, F1/εΔ5 dissociated with a ~6-fold 

slower rate (6.3 x 10-4 s-1). This suggests that the εCTD of εΔ5 either (i) binds more tightly 

to F1 in the extended, inhibitory conformation or (ii) adopts a distinct tight-binding mode. 

When F1/WT-ε were bound in the presence of ATP/EDTA, preventing access to tight 

binding, subsequent exposure to Mg2+ in the dissociation phase allowed hydrolysis and 

rapid switching to the -inhibited state at the catalytic dwell, and post-hydrolysis conditions 

(MgADP/Pi) in the dissociation step stabilized ε in the tightly-bound form (Fig. 3.3, red 



170 
 

and green) [22]. F1/ε5 complexes also showed this rapid reversal to a tightly-bound state 

on switching from ATP/EDTA during F1/ε5 association to MgADP/Pi in the dissociation 

phase (Fig. 3.3, green). Greater than 95% of complexes dissociated very slowly for WT-ε 

and ε5. Overall, these results indicate that, while the εCTD can still undergo dynamic 

transitions between different conformations, the absence of 5 terminal residues from the 

εCTD significantly stabilizes a tightly-bound state of  on F1 relative to the dissociable 

state.  

The ATPase activity of isolated E. coli F1 is inhibited >90% by bound WT-ε [5, 22]. Since, 

εΔ5 showed an increased bias towards tight binding, we investigated whether the tighter 

binding correlates with greater inhibition. We have shown that the Bap-tag on ε does not 

affect its inhibition of isolated F1 [22]. ATPase assays were used to measure the KI for 

inhibition of F1(-δε) by Bap-εΔ5, as done before for WT-ε and ε88stop [22]. The KI of 0.7 

nM determined for Bap-ε5 is similar to the KI for WT-ε (0.5 nM), but does not reflect the 

increased stability of the tightly-bound state as indicated by the BLI assays of F1/ε5 

binding. Furthermore, εΔ5 exhibited maximal inhibition of only ~20% (Fig. 3.4). This is 

similar to the ~24% maximal inhibition by ε88stop under the same conditions, although 

the KI for ε88stop is nearly 20-fold weaker due to absence of the εCTD [22]. This surprising 

finding suggests that the shorter εCTD of εΔ5 still contributes to tight binding to F1, but it 

no longer binds in a way that contributes to strong inhibition of F1-ATPase activity, 

although it does inhibit ATP synthesis by FOF1 on membranes (Table 3.2).  
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Figure 3.3 
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Figure 3.3 Effects of 5 on dissociation of F1/ε complexes. Only the dissociation phase 

of a BLI assay is shown. In previous steps, similar amounts of biotinylated  (Bap-, WT 

or 5) were immobilized on streptavidin-coated BLI sensors, then sensors were incubated 

with excess F1(-δε) to form F1/ complexes. For the red (WT-) and green (5) datasets, 

F1(-δε) was bound in the presence of ATP/EDTA (1 mM each), then allowed to dissociate 

in presence of MgADP/Pi (2 mM Mg2+, 1 mM ADP, 1 mM Pi); dissociation rates for both 

curves (assuming 1 exponential phase) were  1 x 10-6 s-1, the technical lower limit under 

these conditions. For the pink (WT-) and blue (5) datasets, the binding step contained 

only buffer and F1 was allowed to dissociate in presence of ATP/EDTA (1 mM each), and 

dissociation rates were determined by nonlinear regression (GraphPad Prism) for two 

phases of exponential decay. Results: WT ε (Pink), 95% of complexes dissociated with kd 

= 4 x 10-3 s-1 (95% confidence interval = 3.98 x 10-3 to 4 x 10-3) and εΔ5 (Blue), 94% 

complexes dissociated with kd = 6.3 x 10-4 s-1 (95% confidence interval = 6.29 x 10-4 to 

6.31 x 10-4). R2 was ≥ 0.999 for both fits. 

  



173 
 

Figure 3.4 
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Figure 3.4. Inhibition of F1-ATPase activity by εΔ5. ATPase activity was measured with 

titration of different concentrations of εΔ5 with F1(-δε). The uninhibited ATPase activity 

(with 0 nM εΔ5) was 60.9 μmol/min/mg. Maximal inhibition of F1(-δε) by εΔ5 = 20% 

(95% confidence interval: 19% to 22%) calculated by the quadratic equation shown here 

[22]. KI = 0.68 nM. (95% = 0.33 to 1.02 nM). R2 = 0.972. 
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3.5 Discussion  

We have shown that a small truncation at ε’s C-terminus affects respiratory growth of E. 

coli. Truncations of ε’s final five residues (εΔ5) caused >2.5-fold reduction in aerobic 

growth yield, but deletion of the entire εCTD (ε88stop) had much less impact on aerobic 

growth (Figure 3.1). In vitro assays showed that in membranes expressing FOF1 with εΔ5 

or ε88stop, there was no increased proton leak through FO when PMF was generated by 

NADH. However, ε88stop membranes were unable to generate the same level of PMF as 

εΔ5 or WT. Hence, the reduction in growth is not due to misassembly or membrane leak 

that prevents the electron transport chain from generating PMF. Furthermore, εΔ5 

truncation selectively inhibits the ATP synthesis activity as we observed a small effect on 

coupled ATPase activity but >2.7-fold reduction in ATP synthesis activity. In contrast, 

ATP synthesis rates remained unaffected in membranes with the entire εCTD deleted 

(ε88stop). ATPase activity of isolated F1 showed minimal inhibition by εΔ5 (20%; similar 

to inhibition by ε88stop [22]) as compared to WT-ε (>90%) although εΔ5 bound to F1 as 

tightly as WT-ε. While further tests are required to determine if the uncoupled ATPase 

could cause enough futile cycle to contribute to the in vivo effect, our studies indicate that 

ε has different mechanisms of regulating the enzyme when the enzyme rotates in the 

direction of ATP synthesis vs ATP hydrolysis. Overall, our results show that perturbing 

the interactions of εCTD with FOF1 can disrupt optimal cellular energy conversion.  

Many studies have shown that the ATPase activity of bacterial F1 is inhibited by the ε 

subunit [42, 49-52]. Tsunoda et al. [53] showed that εCTD inhibited ATPase activity of 

membranes by adopting an extended conformation, but no effect was seen on the ATP 

synthesis activity. However, it was recently reported that εCTD removal led to a three-fold 
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increase in maximal ATP synthesis rates [54]. Thus, εCTD can inhibit both synthesis and 

hydrolysis by ATP synthase. Our results show that altering the εCTD interactions with F1 

can significantly bias regulation towards preferential inhibition of ATP synthesis.  

Correlation between phenotypic growth defect and low ATP synthesis rate  

We found that reduced ATP synthesis rate was the most significant functional defect with 

5 membranes, but is it sufficient to account for the phenotypic growth defect? Early 

study of phenotypic growth on succinate showed that, with FOF1 overexpressed similar to 

our system, reducing FOF1 expression 3-4 fold to ‘normal’ or haploid levels did not 

decrease the growth yield on succinate, indicating FOF1 function is in excess capacity even 

at haploid level of expression for respiratory growth [45]. We believe that 5 introduces 

a greater energy barrier for activation of ATP synthesis by -inhibited FOF1. Our membrane 

assays of ATP synthesis used NADH, but succinate (substrate for growth) could only 

generate a lower maximal PMF due to the reduced H+/e- ratio for this substrate. Thus, in 

the εΔ5 cells grown on succinate, even more FOF1 complexes might remain ε-inhibited than 

indicated by our in vitro assays driven by NADH. As excess capacity of over-expressed 

ε5 FOF1 might moderate the effect on net ATP synthesis, ε5 might cause an even larger 

decrease in phenotypic growth in a strain expressing lower, haploid levels of FOF1. We are 

currently reengineering our expression system to test for this. We also observed that ε5 

slightly reduced inhibition of membrane ATPase by DCCD, so we cannot rule out a 

contribution of uncoupled ATPase in ε5 membranes, which could cause a futile cycle of 

hydrolysis of ATP.  

Prior studies [40, 41] and our results with ε88stop membranes show that E. coli membranes 

typically have ~50% of FOF1 in ε-inhibited state. Results here (Table 3.2) show that ε5 
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truncation does not significantly change this level of ATPase inhibition on the membranes. 

ATP synthesis rate of εΔ5 membranes is >2.7-fold slower than for WT membranes and 

likely reflects a greater fraction of FOF1 complexes that are ε-inhibited in these assay 

conditions. This reduction is not due to reduced PMF driving force since NADH-driven 

H+-pumping assays show similar kinetics and steady-state gradients (pH) for WT and ε5 

membranes. Our proton pumping data showed lower NADH-driven H+-pumping by 

ε88stop membranes. At the same time, the ATPase was activated. Our results are consistent 

with another study that had shown that ε88stop membranes had reduced ATPase-driven 

H+-pumping even though ATPase was activated [16]. We believe that the deletion of entire 

εCTD results in a decrease in proton pumping by the electron transport chain resulting in 

lower PMF since there is no evidence for worse leak through the FO domain. Ideally, this 

lower PMF should result in decreased ATP synthesis rates. However, it is possible that 

with the CTD deleted, inhibition of ATP synthesis by ε is absent, resulting in more active 

complexes. This leads to net ATP synthesis rates that are comparable to WT membranes.  

Although ε5 did not alter inhibition of membrane ATPase, BLI tests showed a significant 

effect of ε5 on ε’s interactions with the isolated F1 complex. The ~6-fold slower 

dissociation of F1/ε5 upon exposure to ATP/EDTA indicates that ε5 enhances the 

stability of tightly-bound state(s) of F1/ε relative to dissociable states. The strong binding 

of εΔ5 with isolated F1 but lower inhibition of its ATPase activity is surprising. One 

possibility is that the εΔ5 subunit, in some extended state, is able to access a yet unknown 

site during turnover that it does not lead to inhibition of isolated F1-ATPase. While F1 is 

bound to FO on the membrane, this site may be inaccessible as the mutant shows similar 

ATPase inhibition as for WT-ε. This shows dissimilar behavior of ε in intact FOF1 and on 
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soluble F1. Thus, ε may interact with the F1 in different ways that are directly impacted by 

whether  is interacting with FO. 

The differential effect of 5 on membrane functions of FOF1 suggests that the CTD forms 

distinct inhibitory interactions when the enzyme is rotating in the opposite directions for 

ATP hydrolysis versus synthesis. This is consistent with the bi-directional ratchet 

mechanism proposed by Cipriano et al. [55]. By this mechanism, ε’s distinct states for 

εCTD are based on the type of nucleotide(s) interacting with the catalytic site(s) of F1. 

Binding of ATP or ADP would lead ε to adopt a conformation that would allow rotation of 

γ only in ATP hydrolysis or ATP synthesis direction, respectively. We have observed that 

εΔ5 inhibits ATP synthesis much more than ATP hydrolysis by intact FOF1. Binding of 

ADP to the catalytic sites may lead εΔ5 to adopt a conformation that allows tighter binding 

and higher inhibition when the enzyme rotates in ATP synthesis direction. When ATP is 

bound, the truncated ε may adopt a conformation that allows faster dissociation from F1 

just like WT ε [22]. On the other hand, our single molecule FRET data has shown three 

distinct conformations of ε on membranes but only two conformations of ε on isolated F1 

[56]. This indicates that ε may be adopting more than two distinct conformations or 

interacting with sites that are not known yet. It is possible that in presence of ATP, εΔ5 

adopts an alternate conformation that is distinct from the εX observed in E. coli F1 structure 

[13]. As a result, it may have access to a distinct, unknown site that allows slower 

dissociation from F1 than WT ε (Fig. 3.3). However, the slower dissociation does not result 

in stronger inhibition of ATPase. In intact FOF1, εΔ5 may be capable of adopting the 

alternate conformation upon binding of ATP at catalytic site. However, the presence of the 
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FO subunits may favor εΔ5 to adopt the normal inhibitory conformation as observed with 

WT ε. Hence, level of inhibition of ATPase activity remains similar to WT ε.  

The changes in ε’s interactions with the enzyme due to the εΔ5 truncation were examined 

to understand the preferential inhibition of ATP synthesis vs hydrolysis. For the εC 

conformation of E. coli ε, truncating the terminal five residues from εCTD should have 

minimal effects on the εNTD/εCTD interface, since εΔ5 removes only one residue (εT134) 

that contacts the εNTD. On the other hand, for the εX conformation, the residues removed 

by εΔ5 are responsible for ~64% of the surface area buried between the -hook and β3. The 

loss of contacts and surface area may give rise to these mechanistic possibilities that can 

account for selective inhibition of ATP synthesis: 

i. The truncation further biases εCTD towards a distinct interaction (not εX) with 

FOF1 that selectively inhibits ATP synthesis. 

ii. The truncation causes mechanical ‘slip’ between FO proton-transport rotation 

and F1(γε) rotation driving net synthesis of ATP. 

iii. The truncation alters interactions of the extended (εX) state so that the activation 

energy barrier is higher for ATP synthesis direction but low for ATP hydrolys is 

direction. 

Other inhibitors have been reported that selectively inhibit the enzyme in one direction 

over the other. For example, sodium azide preferentially inhibits ATP hydrolysis by 

bacterial, chloroplast and mitochondrial enzymes but has no effect on ATP synthesis [48, 

57]. Similarly, a structural analogue of ATP, Adenylyl-imidodiphosphate (AMPPNP), 

inhibits ATP hydrolysis but not ATP synthesis in bacteria and mitochondria [47, 48]. 

Whereas, other structural analogs of ADP, 3-O-[1-(5-dimethylamino)-naphthoyl] ADP (F-
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ADP) and 3-O-(1-naphthoyl) ADP (N-ADP) inhibit ATP synthesis much more strongly 

than hydrolysis [48]. εΔ5 now offers another example that ATP synthesis can be selective ly 

inhibited more than ATP hydrolysis.  

Overall, our results are consistent with the idea that CTD may be fine-tuned in different 

bacterial species to adapt the regulation of ATP synthesis/hydrolysis functions to the 

distinct metabolic/environmental demands of each species [2, 5]. In E. coli ε, the termina l 

‘hook’ region appears to make minimal specific interactions with other subunits in the 

observed -inhibited state. We showed here that a minor truncation of this hook resulted in 

selective inhibition of ATP synthesis and reduced the capacity for cell growth on a 

nonfermentable carbon source. Other bacterial species have shown stronger inhibition of 

ATPase with shorter εCTD [7, 14, 15]. For example, Mycobacterium tuberculosis ATP 

synthase contains the ε subunit with the CTD shorter by 15 residues [58] but its ATPase 

activity is highly ε-inhibited in M. tuberculosis [59]. Similarly, in Mycobacterium phlei, 

the ATPase activity is highly inhibited [59].This inhibition is probably mediated by ε as 

the ATPase was activated with trypsin treatment. Thus, the effects of truncation at ε’s C-

terminal domain may correlate with stronger inhibition of enzyme activity seen in other 

bacterial species.  
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3.6 Conclusion 

Our results have demonstrated the importance of the interactions of εCTD with other 

subunits for efficient aerobic growth of E. coli. When these interactions are perturbed, they 

lead to reduced ATP synthesis rate resulting in lower aerobic growth. This is a ‘proof of 

principle’ that altering ’s regulatory interactions can provide means to disrupt bacterial 

energy metabolism. The regulatory functions of ε are likely to be conserved within a broad 

range of pathogenic bacteria. As a result, there is a high probability that disruption of ε’s 

regulatory interactions in many of these bacteria will yield similar results of low growth. 

With ATP synthase already validated as a drug target against Mycobacterium tuberculosis, 

ε subunit thus provides an attractive target for further antibiotic development. 
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4.1 Abstract 

We describe the use of Bio-layer Interferometry to study inhibitory interactions of subunit 

ε with the catalytic complex of Escherichia coli ATP synthase. Bacterial F-type ATP 

synthase is the target of a new, FDA-approved antibiotic to combat drug-resistant 

tuberculosis. Understanding bacteria-specific auto-inhibition of ATP synthase by the C-

terminal domain of subunit ε could provide a new means to target the enzyme for discovery 

of antibacterial drugs. The C-terminal domain of ε undergoes a dramatic conformationa l 

change when the enzyme transitions between the active and inactive states, and catalytic -

site ligands can influence which of ε's conformations is predominant. The assay measures 

kinetics of ε's binding/dissociation with the catalytic complex, and indirectly measures the 

shift of enzyme-bound ε to and from the apparently nondissociable inhibitory 

conformation. The Bio-layer Interferometry signal is not overly sensitive to solution 

composition, so it can also be used to monitor allosteric effects of catalytic-site ligands on 

ε's conformational changes. 
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4.2 Introduction 

Protein-protein interactions are important for many biological processes, and label-free 

optical methods like Surface Plasmon Resonance (SPR) have been used in vitro to study 

kinetics of binding and dissociation [1]. Most label-free methods immobilize one 

biomolecule on a sensor surface and use an optical signal to detect a binding partner from 

solution as it associates with the immobilized biomolecule [1]. While SPR is a highly 

sensitive method, it is prone to interference due to changes in the refractive index of the 

solution flowing over the sensor [2]. Although not as sensitive as SPR, Bio-Layer 

Interferometry (BLI) is less affected by changes in sample composition [1, 3]. BLI uses 

fiber optic biosensors that have a proprietary biocompatible coating at the tip. The system 

used here (Octet-RED96) contains eight spectrophotometers. White light is piped to a row 

of probes that move on a robotic arm. Fiber optic sensors are picked up by the probes and 

moved to a 96-well plate containing samples. One of the target molecules is immobil ized 

on the biosensor surface. Then sensors are moved to wells containing the binding partner 

in solution. BLI monitors association of the binding partner with the immobil ized 

molecule, and then monitors dissociation after moving the sensors to solution without the 

binding partner. Binding of molecules to the biosensor surface leads to changes in optical 

interference between light waves that reflect back to the spectrophotometers from an 

internal surface and from the external interface between sensor and solution. These changes 

in interference can be quantified and used to determine kinetic rates of binding and 

dissociation, as summarized in the animation of Figure 4.1.  

We have applied BLI to measure interactions between the catalytic complex of bacterial 

ATP synthase and its ε subunit, which can auto-inhibit the enzyme. ATP synthase is a 
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membrane- embedded rotary nanomotor that catalyzes synthesis and hydrolysis of ATP 

[4].  The catalytic complex (F1) can be isolated in a soluble form that works as an ATPase. 

Subunit ε has two domains: the N-terminal domain (NTD) is necessary for proper assembly 

and functional coupling of the enzyme but does not interact directly with the catalytic 

subunits; the C-terminal domain (CTD) can inhibit the enzyme by interacting with mult ip le 

catalytic subunits [5, 6]. This ε-mediated regulation is specific to bacterial ATP synthases 

and is not observed in the mitochondrial homologue. ATP synthase has emerged as a target 

for antibacterial drugs, as shown by recent FDA approval of bedaquiline to treat drug-

resistant tuberculosis [7]. Thus, targeting ε’s inhibitory role for drug discovery could yield 

antibacterials that do not inhibit the mitochondrial ATP synthase. With the isolated 

catalytic complex (F1), ε becomes a dissociable subunit. However, with ε bound to F1, the 

εCTD can undergo a dramatic conformational change, partially inserting into the enzyme’s 

central cavity and forming an inhibitory state that is unlikely to dissociate directly [6, 8]. 

We use BLI to measure kinetics of F1/ε binding and dissociation, and indirectly, to examine 

allosteric effects of catalytic-site ligands on ε’s conformation. 

In our system, ε was chosen for immobilization on the sensor surface since BLI signal (like 

SPR) is sensitive to the mass of the molecules binding at the surface. The ε subunit is small 

(~15 kDa) relative to the main F1 complex (~347 kDa). Thus, a larger BLI signal will result 

from binding of F1 to immobilized ε. In order to monitor F1/ dissociation, which can be 

very slow,  must be strongly immobilized. Thus we chose to biotinylate  and immobil ize 

it on streptavidin-coated biosensors.  Proteins can be biotinylated by (i) random 

modification of surface lysines [9], (ii) reaction of a unique native or engineered cysteine 

with a biotin-maleimide reagent [10] or (iii) genetically adding a specific biotin-acceptor 
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peptide that is enzymatically biotinylated during in vivo expression of the tagged protein 

[11]. In our system, ε is biotinylated using method (iii) [8]. Once biotin-tagged ε is 

immobilized on streptavidin sensors, BLI can measure the binding and dissociation of F1 

that has been depleted of subunit ε (F1(-ε)). For the experiments described here, preliminary 

assays had been done to determine reasonable amounts of the biotinylated protein to 

immobilize on the sensors. This can vary, depending on the molecular weight of the protein 

and its binding partner, but the goal is to determine a minimal amount of immobil ized 

protein that provides (i) acceptable signal-to-noise for binding kinetics with a low 

concentration of the binding partner (below KD) and (ii) minimal distortion of binding 

kinetics with near-saturating concentration of the binding partner. Also, stoichiometry of 

biotinylation may vary (but avoid >1 mol biotin/mol protein), so some initial assay may be 

needed for each new lot of biotinylated protein to confirm that a consistent BLI signal can 

be achieved during immobilization on the streptavidin-coated sensors.  
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4.3 Results 

Real time binding and dissociation BLI kinetics are shown in Figure 4.3. This experiment 

was done with assay buffer in association and dissociation. This experiment was started 

with a 10 min baseline step since the sensors had been prewet only briefly. Next, 

biotinylated ε was loaded on the sensors. No detectable dissociation of ε occurred 

throughout all remaining steps as seen from the reference curve (G) which had no binding 

partner added. A second reference sensor (H) was devoid of immobilized protein and 

showed low nonspecific binding of the binding partner. Various concentrations of F1(-ε) 

were used in the association step for sensors A-F in order to fit results globally and get the 

best values for ka, kd, and KD. Results were processed as in the protocol, yielding the data 

traces (blue) in Figure 4.4. In this case, reference sensor trace H was subtracted from 

sample traces to correct for nonspecific binding of the binding partner and system signal 

drift. In the data analysis step, all curves were globally fit with a 1:1 model (single ka, single 

kd); the "Global (Full)" fit assumes complete dissociation of the binding partner (signal will 

return to zero at infinite time) (Figure 4.4, red). Note that, for the two highest 

concentrations of F1(-ε), there are small but significant deviations of the data from the 

global, 1:1 model. Low levels of immobilized ligand (biotinylated "ε" subunit) were used, 

and the fit was not improved by including a mass transport factor in the model (not shown). 

However, F1(-"ε") is a large complex (~350 kDa), and other experiments (not shown) 

suggest that these deviations are due to reduced binding accessibility of a fraction of 

immobilized ligand; i.e. an F1 bound to one "ε" may sterically hinder access to another 

biotinylated "ε" bound on the same streptavidin tetramer. 
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Figure 4.5 shows a different experiment in which the enzyme was bound to sensor-

immobilized ε in the presence of 1 mM ATP/EDTA; this predisposes most F1/"ε" 

complexes to assume the noninhibitory conformation, which dissociates readily [8]. 

Sensors were then moved to dissociation wells containing assay buffer with different 

ligands. This demonstrates the effects of different ligands on the conformation of ε. For 

example, exposure to MgADP/Pi dramatically slowed net dissociation, indicating that ε 

shifted conformation to the tightly-bound, inhibitory state. Complex dissociation kinetics 

were observed since different ligands caused different shifts in the fraction of F1.ε 

complexes with ε in the active (dissociable) or inhibitory (nondissociable) conformations. 

It is also possible that substantial conformational changes of bound proteins contribute 

directly to changes in BLI signal but, in our studies, this appears to be negligible compared 

to the signal for binding/dissociation of the large F1 complex (see Shah et al. [8], Figure 

4.5D; transition to curves 3 and 6 show very similar behavior, although their conditions 

favor distinct conformations of bound F1). The Data Analysis software was not designed 

for such complex dissociation kinetics. Thus, we exported the data to text files for nonlinear 

regression analysis with other software. 
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4.4 Discussion 

Currently available instruments for BLI allow significant throughput and flexibility in 

assays for biomolecular interactions. Various solution samples are dispensed in wells of a 

black microtiter plate, and a set of parallel BLI sensors are programmed to move back and 

forth between columns of wells on the plate. The samples are stirred by orbital shaking 

throughout the assay. The system used here has 8 sensors and uses a 96-well sample plate, 

but another system uses 16 sensors and a 384-well sample plate. Thus, interaction between 

a sensor-immobilized biomolecule and its binding partner in solution can be tested under 

different conditions with multiple sensors in parallel. For example, in the first assay 

presented here with the immobilized inhibitory ε subunit, interactions were measured with 

six different concentrations of the enzyme (binding partner) in parallel (Figures 4.3 and 

4.4). This allowed a global analysis to determine a single pair of rate constants (ka, kd) for 

net binding and dissociation, and thus an equilibrium dissociation constant (KD = kd/ka), 

which agrees closely with the inhibitory constant (KI) determined from solution assays of 

enzyme inhibition by ε [8]. A second type of experiment (Figure 4.5) demonstrated that 

BLI can also monitor allosteric effects of small ligands on the interactions between two 

proteins; the effects of different ligands were compared in parallel. There are limitat ions 

for detecting effects of allosteric ligands, since BLI signal depends on the mass of the 

binding molecule, and can directly detect binding of small compounds under optimized 

conditions [13]. However, in the assay of Figure 4.5, the binding partner, F1, was a large 

protein complex (~347 kDa), so the BLI signal for its binding/dissocia tion was not 

significantly affected by additional binding of small ligands such as ATP (~500 Da) to the 

F1 complex. This was confirmed with assays in which these ligands did not affect the BLI 
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signal for F1 bound to a truncated form of ε lacking the inhibitory CTD [8]. Thus, assays 

of allosteric effects must consider the mass of the allosteric ligand relative to the masses of 

the interacting proteins, and preferably include controls to test for direct BLI response to 

the binding of the ligand. 

Note that certain steps and modifications in the experimental protocol can be critical for 

achieving better results and more accurate analysis. For example, as in the protocol 

described here (see steps 1.2.3, 1.2.5), an assay intended for global analysis of binding and  

dissociation rate constants should include an extra baseline step (see step 1.2.3) in a new 

column of buffer wells (Figure 4.2, column 4) before the Association step, and the sensors 

should be returned to that same column of buffer wells for the Dissociat ion step (see step 

1.2.5). Having each sensor in the same well (with the same optical properties) before and 

after the Association step can improve the inter-step correction (step 3.4) for 

Association/Dissociation steps, and this facilitates global kinetic fitting of multiple data 

traces (as in Figure 4.4). Also, for assays that are more preliminary than shown here, the 

program has an option to shorten or extend the time of any step during the assay (while it 

is the active step). This is useful, for example, if the optimal loading signal is not already 

known, or if more time is needed to allow enough dissociation to achieve a good fit for the 

dissociation rate. 

Nonspecific binding of the binding partner to the sensor surface can be a problem for label-

free methods such as SPR and BLI. In our assays, this was effectively minimized by 

including BSA in the assay buffer. As in immunoblotting protocols, proteins other than 

BSA could be used, and low concentrations of detergent may also minimize nonspecific 

binding (Tween20 is used in kinetics buffer from the supplier). Even with minimal 
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nonspecific binding, most assays should include at least one control sensor without 

immobilized protein but with the highest concentration of binding partner in the 

Association step (see Figure 4.3, sensor H); subtraction of the residual nonspecific binding 

(and its decay during the Dissociation step) can significantly improve kinetic analyses for 

the specific binding/dissociation being studied. On the other hand, once initial assays  

confirm that the biotinylated protein remains stably bound after the Loading step (see 

Figure 4.3, sensor G), that control can be omitted and that sensor can be used for a sample 

condition.  

For robust determination of association and dissociation rate constants using BLI, mult ip le 

concentrations of binding partner should be used and all the data traces should be fit by 

global analysis, if possible (as in Figures 4.3 and 4.4). Ideally, the range of concentrations 

should span ~10-fold above and below the estimated KD. In our case, with a high-affinity 

interaction (KD =0.25 nM), the signal-to-noise was poor for binding kinetics with sub-KD 

concentrations. Thus, concentrations of binding partner above the KD were used such that 

significant changes in observed rates and levels of binding were obtained (see Figure 4.3). 

Also, a long dissociation step was used to improve the confidence in fitting the slow 

dissociation rate. With high affinity interactions, it is also possible that slow dissociation 

is exaggerated by rebinding during the dissociation step, since BLI assays are done in a 

stirred sample rather than continued flow over the sensor, as for SPR. This potential artifact 

can be tested with assays in which the dissociation buffer contains a 'sink' of excess 

competitive protein that binds dissociated binding partner and prevents it from rebinding 

to the sensor-immobilized protein [14]. In our system, this was done by comparing results 

with and without nonbiotinylated (>10-fold above KD) in the dissociation well, and we 
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confirmed that rebinding was not a significant problem [8]. Finally, if sets of kinetic results 

are not fit well by global analysis (1:1 or 2:1 models available), there are other analysis 

options for troubleshooting. For example, instead of choosing "Global (Full)" (in step 4.2), 

"Local" can be chosen to fit each sensor trace independently. If binding follows a simple 

1:1 model, plotting the observed binding rates (kobs) vs the concentrations of binding 

partner should show a linear dependence, with the slope equal to the second-order, intrins ic 

binding rate. The Analysis tab of the software has an "X-Y graph" window that allows 

quick visualization of this relationship. 

One limitation of the instrument that we used is the available temperature range. With a 

range of 2 °C above ambient temperature to 40 ºC, only molecules that are stable in that 

range can be used. Moreover, thermodynamic analysis is limited by the narrow temperature 

range. Another general limitation is that the maximum assay time is ~4 hr; after this, 

artifacts develop due to evaporation of samples from the open microtiter plate. 

BLI involves a relatively simple arrangement compared to SPR. The sensors are moved 

between columns of wells with fixed volumes, rather than a constant flow of sample over 

the sensor. Although not as sensitive as SPR, BLI is less affected by changes in refractive 

index due to changes in sample composition. Overall, with this relative ease of use and 

flexibility of the instrument in shifting between assay conditions, BLI provides a versatile 

tool for in vitro assays of biomolecular interactions.  
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4.5 Protocol 

1. Programming the Instrument for BLI Assay 

Turn on the instrument at least one hour in advance to allow the lamp to warm up; this is 

necessary to minimize noise and drift in optical signal during the experiment. Set the 

desired temperature via the instrument tab to prewarm the sample plate holder. Then set up 

the experimental design in the Data Acquisition software. Select "New Kinetics 

Experiment" in the Experiment Wizard tab. This presents a tabbed menu with all steps that 

must be defined. 

1.1. Plate Definition 

Define the columns to be used on the 96-well sample plate. Assign columns to contain 

buffer, immobilized protein or binding partner. For each association well, enter the 

concentration of binding partner to be used. Note: the plate definition shown in Figure 4.2 

has options for distinct assays. 

1.2. Assay Definition 

Define all steps needed for the assay. These include (i) Baseline (several), (ii) Loading, 

(iii) Association and (iv) Dissociation of binding partner. Then, as described below, link 

individual assay steps with columns of wells on the sample plate by selecting the assay step 

and then double clicking on the respective column. This programs the sensors to be moved 

from one column of wells to the next during the assay. 

1. Baseline 

Begin with a brief baseline step (≥60 sec), with sensors in assay buffer (Figure 4.2, column 

1), to establish initial BLI signals in the 96-well plate. 

2. Loading (immobilizing the biotinylated protein on the sensors) 
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Assign sensors to wells that will contain the biotinylated protein (Figure 4.2, column 2). 

Use the threshold function to achieve a predetermined level of binding (see Introduction). 

Set the threshold option so that all sensors will be moved to the next column of wells when 

any one of the sensors reaches the threshold. 

3. Baseline 

Include another baseline step in buffer (Figure 4.2, column 3; typically >5 min) to wash 

away nonimmobilized biotinylated proteins from the sensors and establish new, stable 

baseline signals. For basic binding/dissociation assays only (as in Figure 4.3), include an 

extra baseline step (60 sec) with sensors in new wells of buffer (Figure 4.2, column 4) 

before the Association step. 

4. Association (of the binding partner to the immobilized protein) 

For a basic binding/dissociation assay (as in Figure 4.3), select a range of concentrations 

of binding partner to be used for different sensors/wells (Figure 4.2, column 5). Adjust the 

step time so that at least a saturating concentration of the binding partner should approach 

equilibrium binding signal. For an assay to test allosteric effects of small ligands on 

dissociation of the protein-protein complex (as in Figure 4.5), select a single high 

concentration of binding partner (~10-fold above the estimated KD) for use in all 

association wells. 

5. Dissociation (of the binding partner) 

For a basic binding/dissociation assay only (as in Figure 4.3), designate the sensors to 

return to column 4 (Figure 4.2), the same buffer wells as used for the extra baseline before 

Association. For an assay to test allosteric effects of small ligands, instead designate 
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sensors to move to column 6 (Figure 4.2), where each well can contain buffer plus different 

allosteric ligands. 

1.3. Sensor Assignment 

Indicate the locations in the sensor tray that will contain prewetted sensors for the assay. 

Identify any empty positions since the experiment will fail if no sensors are picked up. 

1.4. Review Experiment 

Visualize all planned steps to check for mistakes and go back to correct them. 

1.5. Run Experiment 

Enter necessary details, including location of data files. Enter the desired temperature for 

the experiment. If sensors still require prewetting, select the option to delay starting the 

experiment. Finally, once all sample preparation is complete (step 2) and both the sample 

plate and sensor tray are loaded in the instrument, click the Go button to run the assay. 

2. Sample Preparation 

1. Prepare an appropriate assay buffer. Buffer used for experiments shown in Figures 4.3 

and 4.5: 20 mM MOPS (3-(N-Morpholino)propanesulfonic acid), Tris 

(Tris(hydroxymethyl)amino-methane) (added to adjust pH to 8.0), 50 mM KCl. Include 

BSA (bovine serum albumin, fatty-acid free, 0.5 mg/ml final) in the buffer for all assay 

steps and for all dilutions of the biotinylated protein or binding partner to minimize 

nonspecific binding of proteins to the sensors. 

2. Dilute the biotinylated protein (ε) in assay buffer to an appropriate concentration (see 

Introduction). 

3. Prepare dilutions of the binding partner (F1(-ε)) in assay buffer (see Discussion for range 

of concentrations to use). 
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4. Prewet the streptavidin-coated sensors for at least 10 min to remove their protective 

sucrose coating. Remove the sensor-containing rack from the sensor tray and insert a 96-

well plate in the bottom of the tray, sliding one corner of the plate into the orienting notch 

on the tray. For the column of sensors to be used, add 200 μl of assay buffer per well in 

that column of the 96-well plate. Return the rack of sensors to the tray in the correct 

orientation (with tabs in slots). 

5. As assigned during programming in Step 1, fill wells of the sample plate with assay 

buffer or the appropriate protein dilutions, as in Figure 4.2. Avoid introducing bubbles, as 

they can cause noise in the optical signal. Include one or more reference wells that omit 

either (i) biotinylated protein or (ii) binding partner. 

6. Open the door of the instrument and insert the sensor tray onto the stage (left), with the 

tray’s tabs inserted into the slots of the stage. Insert the sample plate into the plate holder 

(right); make sure that the plate is seated flat and in the correct orientation, as indicated on 

the plate holder. Close the door and start the assay from the Data Acquisition program (step 

1.5). 

3. Data Processing 

1. After the assay has run, open the Data Analysis software and load the folder containing 

the data. Click the "Processing" tab to see a stepwise Processing menu (at left) and the raw 

kinetic data, with each sensor (A-H) assigned a different color (see Figure 4.3). 

2. Under "Data Selection", click the "Sensor Selection" button. On the "Sample Plate Map", 

designate the wells for 1 or 2 control sensors (G, H in assay of Figure 4.3) as reference 

wells. On the Processing menu, check the "Subtraction" box and select "Reference Wells" 

to subtract reference signal (single or averaged) from every other sensor’s signal. 
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3. Align all traces to Y=0 by using the "Align Y Axis" step. Select "Baseline" as the 

alignment step (this being the last baseline before the Association step). For "Time Range", 

enter the last 10 sec of that baseline (i.e. 50-60 sec for a 60-sec baseline, as in Figure 4.3). 

4. Check the "Inter-step Correction" box to minimize signal shifts between the Association 

and Dissociation steps. Select align to Baseline or Dissociation. 

5. Select Savitzky-Golay filtering function in most cases and click "Process Data!" to 

proceed. Visually inspect the final processed data (lower right panel). With assays intended 

for global data analysis (as in Figure 4.4), if signal traces show a significant shift between 

Association and Dissociation steps, change the selection of Dissociation or Baseline for the 

"Inter-step Correction" and reprocess the data before proceeding to Data Analysis. 

4. Data Analysis 

Click the "Analysis" tab in Data Analysis to begin. Note: the example steps below are for 

global analysis of multiple binding/dissociation curves (as in Figure 4.3). 

1. For "Step to Analyze", choose Association and Dissociation. For "Model", select 1:1. 

Note: other limited options are available. 

2. For "Fitting", choose Global (Full). For "Group By" select Color (as on the graph). Select 

"Rmax Unlinked By Sensor" to allow independent fitting of Rmax (maximal signal 

response upon saturating binding of the partner to the immobilized protein). Note: we do 

this for most assays, as sensors vary slightly in the amount of protein immobilized (see 

Figure 4.3, Loading). 

3. On the table shown, make sure all sensor traces to be analyzed have the same color, so 

they will be analyzed as a global set. If needed, select one or more sensor traces to omit 
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from global fitting: under the "Include" column, right-click on the desired sensor position 

and select "Exclude Wells". 

4. Click "Fit Curves!" to start the nonlinear regression analysis. Examine the fitting results, 

which include (i) overlay of regression curves with sensor data traces (as in Figure 4.4), 

(ii) plots of fitting residuals, and (iii) a table with determined parameter values (rate 

constants, Rmax, KD) and statistics (standard errors for parameters, Chi-squared, R2). 

5. Under "Data Export", save fitting results by clicking "Export Table to .csv File". For 

graphing or further analysis of data/fitted curves with other software, click "Export Fitting 

Results" to save each sensor’s data and fitted curve in a text file. 
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4.6 Figures 

Figure 4.2 
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Figure 4.2. Schematic arrangement of samples in the 96-well sample plate. The sensors 

will be moved in parallel from column to column and can be moved either left or right as 

defined in a particular assay protocol. Wells with grey color represents assay buffer with 

and without ligands whereas red, blue and green represent immobilized protein, binding 

partner and ligands, respectively. 
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Figure 4.3 
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Figure 4.3. Screen capture showing raw data from a BLI assay. Vertical red lines 

indicate movement of sensors between assay steps of the protocol. Step types are denoted 

on the image. Locations of buffer and samples are as shown in Figure 4.2. As noted by 

numbers along the top of the graph, streptavidin-coated sensors were moved between 

different columns of the sample plate in the following order: 123454. The legend below 

the graph indicates the color for each sensor’s data trace. In the Loading step, each sensor 

except H was incubated with 50 nM biotinylated "ε" subunit. In the Association step, 

sensors were incubated with nM concentrations of "ε"-depleted F1: 30 (A, H), 20 (B), 15 

(C), 10 (D), 5 (E), 2.5 (F), 0 nM (G). 
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Figure 4.4 
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Figure 4.4. Screen capture of the analyzed data from the BLI assay of Figure 4.3. The 

data was processed and fitted as described in the text. Only Association and Dissociat ion 

steps are shown, divided by a vertical red line. The processed data curves are blue; the 

nonlinear regression fits from 1:1 global analysis are shown in red. Global fitting results 8 : 

ka = 2 x 105 m-1s-1 (±0.1%), kd = 4.8 x 10-5 s-1 ("±"0.1%), yielding KD = 0.24 nM. 

Goodness of fit: R2 = 0.999054. The maximal binding parameter (Rmax) was fit separately 

for each sensor, with mean value = 0.813 nm ("±"0.0803). 
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Figure 4.5 
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Figure 4.5. Results from a BLI assay showing allosteric effects of ligands on ε’s 

conformation. F1(-ε) was bound to sensor-immobilized ε in the presence of 1 mM 

ATP/EDTA. The end of the association phase and a portion of the dissociation phase are 

shown. During the dissociation step, distinct ligands for F1 catalytic sites (listed for each 

trace) were included to observe their allosteric effects on dissociation of F1 from 

sensorbound ε. 
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5.1 Introduction 

Mycobacterium tuberculosis (Mtb) is a pathogenic bacterium that has targeted 

humans from ancient times [1]. Even now, it infects 9 million people and kills between 1-

2 million of them per year [2]. The pathogen is an obligate aerobe that primarily targets the 

lungs, causing pulmonary tuberculosis [3]. As the infection is mounted, the body responds 

via macrophages to counter the pathogen. Macrophages normally eliminate pathogens by 

engulfing and trapping them in an intracellular organelle called the phagosome. This 

phagosome then fuses with the lysosome and gives rise to a phagolysosome. The pathogen 

is killed by a combined effect of low pH and reactive oxygen species in the phagolysosome. 

Mtb is able to survive and even thrive within the macrophages as it prevents the fusion of 

phagosome with the lysosome [4, 5]. As the host senses this failure, the next step it takes 

is to limit the infection to a small area. As a result, hordes of different types of immune 

cells approach the infected macrophage and bind to it. Newer immune cells keep binding 

on top of the old ones and give rise to a nodule [6]. This is the characteristic nodule that is 

visible in chest X-rays and contains viable mycobacteria. Within the nodules, the pathogens 

experience scarcity of nutrition and thus undergo changes in the cellular composition and 

metabolism and become dormant [7]. At this stage, the infection gets limited and a balance 

is established between the pathogen and the immune system. If the immunity of the host 

weakens due to factors like stress or malnutrition, the bacteria become active and 

propagate. As a result, outside treatment is necessary to completely eliminate the pathogen 

from the body. At any given time, about 90% of infected individuals do not show any 

symptoms as the immune system is able to limit the infection [8]. However, in the 

remaining patients with active tuberculosis, the death rate is around 66% in the absence of 
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an effective treatment [9]. Development of antibiotics against Mtb allowed infections to be 

controlled and the number of deaths to be reduced steadily. The current regimen of 

treatment includes a cocktail of drugs given over a lengthy period of many months [10]. 

The long treatment duration is due to the fact that the current drugs can only target the 

active Mtb and are ineffective against the dormant pathogens. The pathogen cycles between 

dormant and active states. The patient has to maintain a lethal concentration of the drugs 

in the blood and play a waiting game with the pathogen, killing those that become active. 

This strategy is effective but is very time consuming as not all mycobacteria become active 

at the same time. This long treatment duration along with the indiscriminate use of 

antibiotics and the pathogen’s own ways to counter the drugs are major factors that have 

led to emergence of multiple and in some cases, extreme drug resistance [11]. As a result, 

there is a dire need to develop new drugs that target the drug resistant strains.  

For the past many years, researchers have focused on developing new classes of 

antibiotics that are potent against drug resistant Mtb. Recently, a new class of drugs, 

diarylquinolines, was discovered that can target the active and the dormant mycobacteria 

that are resistant to all the other treatments [12-14]. This drug was found to act by inhibit ing 

proton transport by the c-ring of mycobacterial ATP synthase and it has been found to be 

active even against dormant mycobacteria [15, 16]. Its approval was fast-tracked by the US 

Food and Drug Administration (FDA) and the drug is commercially available 

(Bedaquiline; brand name Sirturo) [17]. Since Mtb is an obligate aerobe, the ATP synthase 

is essential for its viability [28]. The fact that the drug is able to kill dormant mycobacteria 

shows that, even in the dormant state, there is some basal amount of metabolism carried 

out by the bacteria and ATP synthase plays an important role in it. This is exciting news as 
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the drugs that target the enzyme do not have to wait for the dormant mycobacteria to 

become active in order to kill them. As a result, the treatment time can be shortened 

considerably.  

The discovery and approval of Bedaquiline has provided the first novel class of 

drug against M. tuberculosis after forty years. While this has come as a respite for patients 

of drug resistant pulmonary tuberculosis, there is a caveat to using it for other diseases. As 

compared to the mitochondrial ATP synthase, the mycobacterial enzyme is >20,000-fold 

sensitive to Bedaquiline, but the drug’s efficacy is limited to M. tuberculosis [18] and it is 

not potent against other bacterial pathogens [19]. To overcome this, others have tried 

modifying Bedaquiline to a form that successfully targets the ATP synthase of gram-

positive pathogen Staphylococcus aureus [19]. However, the tradeoff of this modifica t ion 

has been the loss of selectivity of the drug for the mycobacterial enzyme (just over 10-fold 

higher than mitochondrial ATP synthase). Thus, while Bedaquiline can serve as a last resort 

drug against M. tuberculosis, against other pathogens, the potential for cross-reacting with 

mitochondrial ATP synthase is high. To reduce the potential for cross-reactivity, subunits 

that do not play the same role in bacterial and mammalian enzyme could be targeted.  

As discussed in previous chapters, in vivo deletion of the entire C-terminal domain 

of E. coli ε subunit does not affect the function of enzyme with minimal effect on the 

growth. ATP synthase is dispensable in E. coli as it is a facultative anaerobe and can grow 

by fermentation. In contrast, M. tuberculosis is an obligate aerobe and grows only via 

respiration. As a result, ATP synthase is essential for viability. The mycobacterial ATP 

synthase has significant homology with the E. coli ATP synthase. The α and β subunits of 

mycobacterial ATP synthase contain >50% sequence homology with the E. coli enzyme. 
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In addition, functional sequence motifs such as the P-loop for binding of nucleotide, the 

acidic residue crucial for nucleophilic attack, and the DELSEED sequence are conserved 

in mycobacterial enzyme [7].  

The enzyme may be inhibited by ADP as residues important for ADP inhibit ion 

and the release from inhibition are conserved [7]. Current data does not confirm whether 

the enzyme is also inhibited by the ε subunit. However, the N-terminal domain of ε in 

mycobacterial ATP synthase is conserved as compared to E. coli [7]. Moreover, the ε 

subunit of M. tuberculosis was found to block ATPase activity of F1(-δε) of Bacillus PS3 

without binding ATP [20]. Thus, it is highly possible that the ε subunit is inhibitory in Mtb. 

A concern towards this assumption is that the ε subunit in Mtb is 17 amino acids shorter 

than the ε subunit of E. coli and based on modeling, most of the truncation is seen in the 

CTD. As the CTD is primarily responsible for inhibition, this poses a question against the 

efficacy of the Mtb ε to inhibit the enzyme. However, my data have shown that a shorter 

E. coli ε can inhibit the enzyme more strongly. So we cannot discard the possibility of 

strong ε-mediated inhibition in Mtb enzyme.  

Studies have indicated that a tight regulation of the mycobacterial ATP synthase in 

ATP hydrolysis direction may exist [21]. It appears that the primary role of the enzyme is 

synthesis of ATP and hydrolysis is blocked. The apparent tight regulation is understandab le 

considering the fact that, when M. tuberculosis resides in the nodules within human lungs 

or within the macrophages, the availability of nutrients is scarce. As a result, the bacterium 

should minimize ATP hydrolysis by the ATP synthase to ensure enough intracellular ATP 

is available to carry out physiological process vital for viability. In such conditions,  

interfering with ε’s normal interactions within the enzyme could disrupt its inhibitory role 
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and reduce viability of the pathogen. Disruption of normal ε interactions may either lead 

to stronger inhibition of ATP synthesis activity, similar to what was observed in E. coli, or 

lead to reduced inhibition of ATP hydrolysis, with both scenarios leading to lower 

intracellular ATP. This could be fatal for the pathogen, especially in the dormant state.  

Targeting ε inhibition of ATP synthase in Mtb can involve multiple strategies. The 

idea would be to either increase ATP hydrolysis or decrease ATP synthesis - both resulting 

in low availability of ATP. To increase ATP hydrolysis, small-molecule compounds that 

could bind to εCTD and prevent it from adopting the extended conformation could be 

developed. The small-molecule compounds may stabilize the interaction of εCTD with 

εNTD or they may act as a bulky moiety that blocks the entry of εCTD into the central 

cavity. Either way, the ATP hydrolysis activity may get activated, quickly depleting 

intracellular ATP pools. Reduction of ATP synthesis may be a more difficult approach as 

it would involve stabilizing the extended conformation of εCTD. This can be effected by a 

compound that can bind tightly with εCTD and the γ, α or β subunits. Such a compound 

may be generated by a Fragment-based approach [22]. Here, the enzyme may either remain 

inhibited for longer durations or become permanently inhibited. As a result, ATP synthesis 

activity may be reduced, affecting viability. 
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5.2 Current M. tuberculosis project 

In order to develop an effective drug that carries out the above mentioned 

function(s), it is important to confirm that εCTD can inhibit the enzyme and that disruption 

of εCTD’s interaction with Mtb enzyme leads to a growth defect. While working in the 

Duncan lab, I had the opportunity to start working in this direction. I hypothesized that 

deletion of the entire CTD of ε in mycobacterial ATP synthase would lead to increased 

hydrolysis of intracellular ATP and diminish growth. To test that, two plasmids encoding 

sequences of epitope-tagged ε subunit (FLAG tag, DYKDDDDK) [23] of M. tuberculosis 

ATP synthase were designed (by Tom Duncan) and obtained commercially (Genscript). 

Plasmids either encoded the entire M. tuberculosis H37Rv ε subunit (pUC57+atpC2) or its 

N-terminal domain (pUC57+atpC89s, residues 1-88). An integration-proficient vector, 

pMBC1260, which contains mycobacteriophage L5 integration sequences and allows 

integration into the mycobacterial chromosome [24], was provided by our collaborator, Dr. 

Kathleen McDonough from Wadsworth center, Albany. I transformed the ε-encoding 

plasmids and pMBC1260 into DH5α E. coli cells, and prepared plasmid DNA. Restriction 

digestion was used to remove the atpC2 and atpC89s genes from pUC57 plasmid. They 

were inserted into pMBC1260 to obtain pMBC1260+atpC2 or pMBC1260+atpC89s, 

followed by transformation into DH5α cells. These constructs place the atpC gene after a 

strong constitutive Mtb promoter Rv1485. Thus, it is expected that the Flag-tagged ε (+/- 

CTD) will be expressed well and assemble into mycobacterial FOF1, hopefully in excess of 

the native ε that is still expressed from the chromosome. In Dr. McDonough’s lab, I assisted 

in transforming pMBC1260, pMBC1260+atpC2, or pMBC1260+atpC89s into M. bovis 

BCG, M. smegmatis and a M. tuberculosis H37Rv auxotroph (attenuated) and 
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transformants were isolated in which chromosomal integration of each plasmid was 

confirmed.  M. smegmatis is a non-pathogenic, fast growing relative of M. tuberculosis that 

can be grown in biosafety level 1 setting [25, 26]. Proper expression and assimilation of 

epitope-tagged ε in ATP synthase will initially be confirmed in M. smegmatis by 

immunoblotting, immunoprecipitation and SDS PAGE by the Duncan lab. Later, 

expression and assimilation will also be confirmed in M. bovis BCG and M. tuberculosis 

H37Rv auxotroph.  

Dr. McDonough’s lab has begun investigating the possible effects of the εCTD 

truncation on the growth of M. bovis BCG and M. tuberculosis H37Rv under various 

conditions. These growth conditions mimic the environmental factors that mycobacteria 

encounter within host cells/tissue, such as (1) low oxygen concentration, (2) low oxygen 

concentration with high carbon dioxide, or (3) increased nitric oxide. Preliminary results 

from these growth tests were mixed. Thus far, the εCTD truncation showed no significant 

effects on growth under several low oxygen conditions. However, the growth of M. bovis 

BCG expressing ε89S was reduced by the presence of the detergent, sodium dodecyl 

sulfate, which is thought to reflect a weakened cell wall [29]. This last initial effect is a 

promising indication of some metabolic defect caused by the εCTD truncation. However, 

the lack of effect on low-oxygen growth suggests that there is insufficient expression and/or 

incorporation of the Flag-ε89s into mycobacterial ATP synthases to cause a more 

significant growth defect; immunoblotting and immunoprecipitation tests will be needed 

to confirm this. It is possible that alternate molecular biology approaches will be needed to 

achieve predominant assembly of the Flag-ε (+/– CTD truncation) into mycobacterial ATP 

synthase. If this can be achieved, and more significant growth defects are observed in the 
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phenotypic assay, then other biochemical assays could be carried out to determine the 

effect of the truncation on ATP synthase function. For this, biochemical assays can be 

carried out using inverted membrane vesicles of M. bovis BCG and M. tuberculosis H37Rv 

auxotroph. Rates of ATP synthesis, ATP hydrolysis as well as proton translocation could 

be measured. The F1 domain could be isolated from the mycobacterial membranes and 

further characterized for inhibition by ε [27]. Provided that a definite defect is seen with 

mutant ε, the next step would be to repeat the same experiments in pathogenic M. 

tuberculosis, and extend phenotypic assays to test for effects of the εCTD truncation on 

infection and survival of Mtb in a mouse macrophage system. 
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6.1 Discussion 

The current thesis work has led to some important discoveries about the function 

of the ε subunit in bacterial ATP synthase. It has been known that in bacterial ATP 

synthases, ε has a regulatory role mediated primarily through the C-terminal domain. To 

inhibit the enzyme, the C-terminal domain adopts what is known as the extended 

conformation and inserts in the central cavity of the α-β hexamer. Here it establishes 

extensive contacts with five subunits and effectively jams the rotor complex. This is akin 

to ramming a rod in a bicycle wheel with spokes and stopping the rotation. The research 

work presented here confirms this regulatory role of εCTD by the use of two E. coli 

mutants. The first mutant had the entire ε C-terminal domain genetically deleted whereas 

the second mutant had one cysteine residue introduced in each of the two α-helices of the 

εCTD. These cysteine residues formed a disulfide bond when exposed to oxidizing 

conditions. Thus both mutants prevented the εCTD from adopting the extended 

conformation and inhibiting the enzyme. The results showed that both mutants had 

increased ATPase activity when εCTD was prevented from adopting the extended state. 

When the double cysteine mutant was reduced to allow the α-helices to move freely and 

adopt the extended state, the activity was reduced. It was known that the εCTD is required 

for inhibition of the enzyme. Our results extend this understanding by indicating that it is 

the interactions of the εCTD in the εX conformation with the enzyme that is important for 

inhibition of the enzyme. And perturbing these interactions may lead to a change in 

inhibition of the enzyme.  

We used F1.ε binding assays to examine the effects of various ligands on the 

conformation of εCTD. This was a novel approach in which the dissociation of F1(-δε) was 
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dependent on the conformation of εCTD. As a result, we were able to correlate the changes 

in dissociation rates of F1(-δε) upon exposure to different ligands to conformationa l 

changes in εCTD. We also discussed the events taking place when γ rotates a 120o rotation 

when hydrolyzing one ATP molecule. Prior studies have suggested that one 120o rotation 

of γ can be divided into two substeps: (1) 80o rotation and (2) 40o rotation [1]. Studies 

(reviewed in [2, 3]) had indicated that binding of MgATP to the catalytic site induces the 

first 80o rotation of the γ subunit. At this position, the enzyme pauses for a brief period of 

time which is called a catalytic dwell. The next 40o rotation is limited by rates of hydrolys is 

and dissociation of Pi. Our studies showed that both the ε and ADP inhibition come into 

effect after hydrolysis at this catalytic dwell. However, F1 crystal structures that are ADP- 

or ε-inhibited have shown the γ subunit at angles that are different from the catalytic dwell 

step [4, 5], with the ADP-inhibited F1 structure showing γ at 95o whereas the ε-inhibited F1 

structure had γ rotated to 123o. We believe that at the catalytic dwell position, post 

hydrolysis, the enzyme can transition towards ADP- or ε-inhibition. When the enzyme gets 

ε-inhibited, the εCTD inserts in the α-β hexameric cavity at the catalytic dwell and then 

effects a partial rotation of γ to ~120o to stabilize the inhibitory conformation. This rotary 

position prevents inhibition of the enzyme by ADP. On the other hand, the ADP inhibit ion 

causes γ to rotate to 95o, where εCTD cannot insert. It is possible that γ may rotate back to 

the 80o position where εCTD can insert and cause the rotation to 120o at which point ADP 

inhibition cannot take place. The SM study by Sekiya et al. showed that γ experiences 

longer pause times for ε inhibition (up to 3.5 s) than ADP inhibition (~1 s) [6]. On average, 

the enzyme would stay longer in the ε-inhibited state than the ADP-inhibited one. This 

suggests that ε-inhibition predominates over the ADP-inhibition. Overall, the results 
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described above and in chapter two add to our understanding of conformational changes in 

εCTD in response to different reactants interacting with it at various stages of catalysis.  

When the C-terminal domain of ε was truncated (ε∆5) in E. coli ATP synthase, the 

ATP synthesis activity of the enzyme was selectively inhibited with a direct impact on 

aerobic growth. There was no increase in the ε-mediated inhibition of ATPase activity on 

membranes as compared to WT ε. The differential effect of truncation on ATP synthesis 

versus hydrolysis is consistent with the proposal that ε functions by a bi-directional ratchet 

mechanism. These results also point to εCTD’s role in preventing uncoupled activity of the 

enzyme. In the larger scheme of things for bacteria, this is important as they encounter 

harsh conditions that may lead to collapse of PMF or low ATP levels. Under those 

conditions, ε may help prevent the cells from rapidly exhausting intracellular ATP stock to 

generate PMF or nutrient stocks to generate ATP; either stock may be needed for vital 

physiological processes that ensure the survival of the organism. Consistent with this, other 

preliminary data in the Duncan lab show that ε88stop grows much slower at low pH 

conditions. At the same time, this opens the possibility of exploiting the reliance of 

bacterial ATP synthase on its ε subunit. Any compound or treatment that would prevent 

the ε subunit from functioning normally within the bacterial cell has the potential of 

affecting the viability of the cell. Hence, the ε subunit of pathogenic bacteria can serve as 

a potent target for antimicrobials that interfere with ε and hamper the function of ATP 

synthase of the pathogen. 
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6.2 Immediate future plans 

The work done as a part of this thesis adds to the understanding of the role of the ε 

subunit in bacterial ATP synthase. However, in order to completely elucidate ε’s role, 

further work is needed. For example, εΔ5 subunit showed loss of inhibitory effect in 

isolated F1 domain (~20% inhibition vs ~90% inhibition by WT ε), even though its affinity 

is still high. As discussed earlier, the inhibition of the bacterial ATP synthase by its 

endogenous ε subunit is effected by εCTD adopting the extended conformation and 

inserting in the α-β central cavity to block functional rotation. The reduced inhibition of 

ATPase meant that εΔ5 is interacting differently with the enzyme as compared to WT ε. 

When the loss of contact area for εΔ5 was looked at by protein analysis software, Chimera, 

it appeared that four contact residues are lost along with loss of buried surface area, when 

εΔ5 adopts the extended conformation. This again suggests that the interaction of ε with 

the enzyme changes with deletion of the terminal five amino acids. It is natural to assume 

that this would lead to a change in the affinity of εΔ5 for F1. We observed that the 

dissociation rate of F1/ε complexes was reduced more than six-fold in the case of εΔ5. At 

this point, it is unclear what causes this change in dissociation rate. The possibility of ε 

binding to an alternative site looks likely. However, further investigation regarding the site 

of binding of the truncated ε is required.  

It is important to study εΔ5’s interactions in further detail because the results show 

for the first time that ε can be targeted to reduce ATP synthesis and subsequently, the 

aerobic growth of bacteria. Forcing the WT ε to mimic the behavior of εΔ5 may lead to 

similar effects in WT cells. Future experiments could include FRET (Forster Resonance 

Energy Transfer) [7] studies of εΔ5. For example, experiments can involve attaching 
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fluorophores to a site on β subunits which is close to the region where WT ε’s CTD 

interacts. It has been described in the introduction of this thesis that ε can be cross-linked 

with the DELSEED region of the β subunit. So a site near the DELSEED region can be 

used for attaching the fluorophore. Another fluorophore can be attached near the Rossmann 

fold of γ where the helix1 of εCTD binds when ε adopts the εX state. With the third 

fluorophore attached in εhelix2, FRET values can be obtained. If εΔ5 binds to a site that is 

drastically different from the site where WT ε binds, the difference in FRET values may 

give an indication of it. Care should be taken to ensure that this fluorophore itself does not 

interfere with ε’s normal interactions. Also, the fluorophore should be attached to any one 

β subunit in order to maximize the sensitivity of the assay. This poses a technical challenge 

as to how to ensure selective labeling of only one β subunit out of the three in one ATP 

synthase. A simple method would be to incubate the enzyme with sub-stoichiometr ic 

concentration of the fluorophore. This may allow labeling of one β per ATP synthase but 

does not guarantee that a second β will not be labeled. Using single molecule FRET can 

help work around this challenge to an extent. However, since γ can rotate, the distance 

between the fluorophores on γ and β subunit could be too large in some molecules to give 

FRET values. A more direct approach would be to resolve the crystal structure of F1-

ATPase with εΔ5 in its extended conformation. If the binding site of the εΔ5 CTD is 

observed to be a distinct one, follow up studies can include mutating the residue(s) of that 

site and observing its effect on in vivo and in vitro ATP synthase function in cells 

containing ATP synthase with ε∆5. As discussed above, the crystal structures of F1 showed 

γ at 95o and 120o while many SM studies also suggested that γ had long pauses at the 80o 

position in ADP and ε inhibited states [6, 8, 9]. These conflicting results could be due to 
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technical challenges in SM studies to resolve the rotation over 40o rotation after the pause 

or they could suggest a real event as the crystal structures are end point results and do not 

reveal dynamic rotations. The results from chapter three indicated that εCTD may have 

different binding sites. It could be possible that the crystal structure of F1 with εΔ5 may 

provide information to resolve this conflict. 
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6.3 General future plans 

During the course of my thesis work, I have shown that the ε subunit of E. coli can 

be targeted to inhibit growth. In many bacterial species, the ε subunit has been shown to 

play a regulatory role in isolated F1 or FOF1 [10-12]. In contrast, in mitochondria, the δ 

subunit (homolog of the bacterial ε subunit) has no known regulatory role [13]. Drugs that 

target the ε subunit of bacterial ATP synthase are thus less likely to cross-react with the 

mitochondrial ATP synthase and impair its function. When the amino acid sequences of 

the ε subunit from different pathogenic bacteria are aligned, it can be seen that there is 

considerable homology [13] (Fig. 6.1). Future projects could involve working with 

pathogens like S. enterica that cause diseases in humans as well as animals resulting in 

massive number of deaths. As noted earlier, S. enterica loses pathogenicity when ATP 

synthase is not assembled. As shown in Fig. 6.1, S. enterica exhibits ~99% sequence 

homology in the ε subunit as compared to E. coli. With that amount of sequence homology 

(primary protein structure), it is highly possible that there is high amount of 3-dimentiona l 

structural similarity and probable functional similarity. Both the Salmonella and 

Escherichia genera belong to the same family of Enterbacteriaceae and are gram negative, 

facultative anaerobes. The role of the ε subunit in Salmonella genus is not yet known but, 

considering the sequence homology as well as the phylogenetic proximity with E. coli, it 

is likely that its role is similar to E. coli ε. Another attractive target can be Shigella 

dysenteriae, which is also a facultatively anaerobic, gram negative pathogen belonging to 

the family Enterobacteriaceae [14]. S. dysenteriae causes extremely severe dysentery due 

to the presence of Shiga toxin [15]. Sequence alignment of its ε subunit with E. coli also 

showed high homology (Fig. 6.1). Thus, perturbing εCTD’s interactions with the enzyme 
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in Salmonella and Shigella ATP synthases may provide similar results to those obtained 

with E. coli. Thus, this presents a possibility that perturbing the interactions of ε subunit of 

many pathogenic bacteria may result in reduced growth. Overall, the results published in 

this thesis open a new avenue of research to target ATP synthases of different bacteria with 

the goal of obtaining specific inhibitory agents. 
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Figure 6.1 
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Figure 6.1. Sequence alignment of ATP synthase ε subunit from different bacterial 

species. Amino acid sequences of nine known pathogenic or opportunistic pathogenic 

bacteria were aligned. The sequence files were obtained from Uniprot databank and aligned 

in Cobalt, a Constraint-based Multiple Protein Alignment Tool [16]. Colored regions 

demonstrate identity with E. coli ε subunit. Uniprot codes: P0A6E6 (E. coli), B5XZM5 (K. 

pneumoniae), Q9KNH6 (V. cholerae serotype 1), A5UGY8 (H. influenzae), Q88BX5 (P. 

putida), Q2FF25 (S. aureus), Q02DF5 (P. aeruginosa). NCBI accession codes: 

WP_001251962.1 (S. enterica), EFW49757.1 (S. dysenteriae). 
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